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TRUNCATUS) IN GALVESTON BAY, TEXAS 

 

 

 

Sherah Ann McDaniel 

University of Houston-Clear Lake, 2022 

 

 

 

Thesis Chair: George J. Guillen, Ph.D. 

 

 

 

The overall goal of this research was to develop a better understanding of the trophic 

ecology of the Galveston Bay common bottlenose dolphin (Tursiops truncatus) stock that 

would provide critical data needed to manage this species. The specific objectives of this 

study were to: (1) estimate areas used by dolphins for foraging, (2) estimate factors 

contributing to foraging behaviors of dolphins, and (3) estimate proportions of different 

prey consumed by bottlenose dolphins in Galveston Bay. From 2015-2017, two survey 

methods (behavioral data from photo-identification surveys and stable isotope data from 

biopsy surveys) were used for objective one and two, while stable isotope (δ13C and 

δ15N) mixing models were used for objective three. Dolphins were observed foraging for 

62.3% of all photo-ID sightings. Dolphins were observed foraging most often in the 

channel (52.3%), followed by open bay (41.4%), and nearshore (6.3%) but there is no 

evidence that the odds of observing foraging behavior was different between the habitats. 
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For the sightings where foraging behavior was observed, 68.7% of the time a shrimp 

trawler was present. It is estimated that when approaching a trawler during a survey, the 

probability of observing dolphins patrolling is 60.8% of the time (95% CI: 55.6% to 

100.0% , one-sided, one-sample porportion test, p-value <0.05). Foraging significantly 

decreased as time passed throughout the day in sightings from 2015-2017 (beta 

regression: pseudo R2= 0.8726, p-value <0.05). Potential prey of dolphins were collected 

in 2015 and 2016 for stable isotope analysis. Data from those sampling events and select 

nekton from Barcenas (2013) were used to model proportions of prey consumed by 

dolphins using a Bayesian isotope mixing model, Stable Isotope Analysis in R (MixSIAR 

version 3.1.10). Ward’s hierarchical cluster analysis was used to group 19 nekton species 

into six groups based on their mean C and N isotopic values. Overall, group six which 

contained only one species, White Mullet (Mugil curema), was estimated to contribute to 

the  highest proportion of nekton prey consumed by dolphins (median: 25.3%) based on 

MixSIAR analyses. The second highest proportion consumed by dolphins overall was 

group two (Atlantic Brief Squid [Lolliguncula brevis], Hardhead Catfish [Ariopsis felis], 

and Striped Mullet [Mugil cephalus]) at 21.0%. There was a significant difference 

between the δ15N (‰) values in Upper Galveston Bay (UGB) and Lower Galveston Bay 

(LGB) (Wilcoxon Rank Sum Test, W=105.5, p-value≤0.05). This difference may suggest 

that dolphins in UGB and LGB are foraging on different prey or may support the notion 

that the upper portions of the bay are more heavily influenced of elevated 

anthropogenically produced δ15N (‰). This research contributes to baseline data that can 

be used for further analysis in future studies. The results from the stable isotope analysis 

may be used in combination with mercury and organochlorine contaminant analysis to 

examine trophic level biomagnification in the Galveston Bay ecosystem.  
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CHAPTER I:  

FORAGING BEHAVIOR 

Introduction 

Galveston Bay 

The Galveston Bay (GB) ecosystem is the largest estuary in Texas and covers 

approximately 600 square miles (Lester & Gonzalez 2011). On average, Galveston Bay 

receives about 11 million acre-feet of freshwater from the Trinity River, San Jacinto 

River, and runoff from the rest of the watershed (Batchelor & Guthrie 2008). The 

Galveston Bay watershed covers approximately 24,000 square miles and extends up to 

the Dallas-Fort Worth metroplex (Lester & Gonzalez 2011). Runoff from the watershed 

is an important contributor of nutrients, organic matter, and contaminants into GB. It is 

estimated that freshwater inflow from the major drainages inputs more than 80% of 

carbon and nitrogen and 95% of the phosphorus to Galveston Bay (Lester & Gonzalez 

2011).  

Galveston Bay exchanges the majority of saltwater with the Gulf of Mexico at 

Bolivar Roads, San Luis Pass and prior to closing in 2020 and to a lesser extent, Rollover 

Pass (Lester & Gonzalez 2011, The Texas General Land Office 2021). The average depth 

in the Galveston Bay ecosystem is six to ten feet (1.8-3.0 m) excluding the dredged ship 

channels. The Houston Ship Channel (HSC) is dredged to approximately 45 ft (13.7 m) 

by the Army Corps of Engineers and extends 52 miles (83.6 km) from the juncture of the 

Texas City Channel to the turning basin in Houston. The HSC is 530 ft (161.5 m) wide 

with plans to widen it to 700 ft (213.4 m) by 2025 (Port Houston 2020). Bayport Ship 

Channel (BSC) and Barbour’s Cut are 300-400 ft (91.4-121.9 m) wide with plans to 

widen them to 455 ft (138.8 m) (Port Houston 2020). Galveston Bay is commonly 

divided into four sub-bays: Galveston Bay, Trinity Bay, East Bay, and West Bay. 
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Galveston Bay can be further split into Upper Galveston Bay (UGB) and Lower 

Galveston Bay (LGB) with an artificial line drawn from Eagle Point from the west to 

Smith Point to the east (Lester & Gonzalez 2011).  

The Galveston Bay ecosystem is comprised of typical estuarine habitats including 

wetlands, mud flats, submerged aquatic vegetation (SAV), oyster reefs, open bay bottom 

and open water. Historically, SAV was found in the nearshore habitats of UGB and in 

Trinity Bay but is now only present almost exclusively in West Bay and Christmas Bay 

(Pulich & White 1991, Lester & Gonzalez 2011). The rest of the open bay bottom is 

primarily bare mud apart from oyster reefs. Human alterations such as the dredging of 

channels, which increase the flow of saltwater into the bay, likely holds more influence 

on the circulation than natural processes (Wilber & Clarke 1998, Wilber & Clarke 2001, 

Steichen 2018). 

Dolphin Research in Texas 

Under the mandates of the Marine Mammal Protection Act of 1972 (MMPA), all 

marine mammal populations should not fall below their optimum sustainable levels 

(MMPA 16 USC §§ 1361-1423h). According to the MMPA an optimum sustainable 

population is defined as, “a population size which falls within a range from the 

population level of a given species or stock which is the largest supportable within the 

ecosystem to the population level that results in maximum net productivity” (MMPA 16 

USC §§ 1361-1362). The National Marine Fisheries Service (NMFS) is tasked with 

providing an annual stock assessment report for all strategic stocks of marine mammals. 

To be considered a strategic stock, the level of direct human-caused mortality must 

exceed the potential biological removal (PBR) level. The PBR level defined by the 

MMPA is “the maximum number of animals, not including natural mortalities, that may 

be removed from a marine mammal stock while allowing that stock to reach or maintain 
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its optimum sustainable population” (MMPA 16 USC §§ 1361-1362). NMFS considers 

all stocks of common bottlenose dolphins (Tursiops truncatus) in the northern Gulf of 

Mexico’s bays, sounds, and estuaries (BSE), except for the Sarasota Bay/Little Sarasota 

Bay Stock, to be strategic according to the 2018 assessment. The assessment determined 

a vast majority of stock sizes are unknown but are assumed to be small and therefore few 

mortalities would exceed PBR (NOAA 2019). The stock sizes in Galveston Bay were 

unknown or undetermined for management purposes due to outdated stock estimates that 

were several decades old at the inception of the current study. Abundance estimates based 

on data more than eight years old are not considered acceptable for management purposes 

under the MMPA and estimates more than five years old change the status of the stock 

assessment from adequate to inadequate under the NOAA Fisheries Stock Assessment 

Improvement Plan (Rosel et al. 2011). Based on these criteria, data available at the 

origination of this study for GB were extremely outdated and there was a need for further 

research to determine stock status (Hubard & Swartz 2002, Mullin et al. 2007, Balmer et 

al. 2013, Vollmer & Rosel 2013, Marine Mammal Commission 2015). Recently, Ronje et 

al. (2020) estimated the abundance of bottlenose dolphins in GB to be 842-1,132 based 

on surveys conducted in January and July of 2016. 

Individual common bottlenose dolphins can be tracked long-term using markings 

that occur on their dorsal fins (Würsig & Würsig 1977). Markings can be natural in origin 

from conspecific interactions, such as biting, or caused by anthropogenic factors such as 

propeller strikes or fishing line entanglement. Data obtained from these markings, also 

termed nicks and notches, can be used to estimate population size using modified mark-

recapture methods. However, fin markings may change, so other features like scarring 

and color patterns can play an important role in identifying individuals. 
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Common bottlenose dolphins (hereafter dolphins) are the only cetacean that enter 

Galveston Bay. A cetacean is from the order Cetacea and includes an entirely aquatic 

group of mammals commonly known as whales, dolphins, and porpoises (Mead 2020). 

Most dolphin research in Texas has been conducted in nearshore ocean coastline and in 

ocean to bay passes as opposed to the open bays. Boat-based and helicopter surveys were 

conducted in Galveston Bay and coastal waters of the Gulf of Mexico in 1990 

(Henningsen & Würsig 1991). During their study a total of 1,002 different individuals 

were identified and 867 dolphins were only sighted once. During a different study in 

1990 and 1991, boat-based, photo-identification (photo-ID) surveys were conducted in a 

northern section of coastal Texas and over 1,000 individuals were identified but because 

the majority of the dolphins were only sighted once, it was concluded that only about 200 

use the area for extended periods of time (Bräger 1993). According to Fertl (1994), a 

seasonality peak in abundance occurs in spring and autumn based upon photo-ID surveys 

in the Galveston Ship Channel. From 1995 to 2001 West Bay was surveyed and it was 

determined a small community (28 to 34) of dolphins demonstrated evidence of site 

fidelity (Maze & Würsig 1999, Irwin & Würsig 2004, Irwin 2005).  

Four unusual mortality events (UME) in Texas have been documented since 1992 

(Fernandez & Hohn 1998, Colbert 1999, Fire et al. 2011, NOAA 2020). NMFS 

sponsored a live dolphin capture effort in response to a 1992 die-off from an 

undetermined cause in Matagorda and Espiritu bays and collected physiological 

information from 36 dolphins (Würsig & Lynn 1996, Lynn & Würsig 2002). UMEs that 

occurred from 1993 to 1994 were caused by an infectious disease. The cause of a UME 

during 2007 and 2008 remained undetermined. A UME which also occurred along the 

Texas coast in 2011 to 2012 was caused by biotoxins produced by harmful algal blooms. 

Foundational knowledge of the dolphins involved in these UMEs gathered from long 
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term tracking studies, such as where they spend most of their time, would have been 

useful to understand the cause of the UMEs. 

Several natural and anthropogenic risks exist for dolphins in Galveston Bay. 

Hurricanes and heavy rainfall influence the salinity in the bay and prolonged low 

salinities have been documented to have negative effects on dolphins including skin 

lesions (Fazioli & Mintzer 2020), immune deficiencies, and mortality (Toms et al. 

2021).  Galveston Bay is a highly trafficked estuary. Port Houston ranks highest in 

the nation for total foreign and domestic waterborne tonnage, 70% of which is liquid 

bulk (Port Houston 2021). Several collisions have occurred between tankers or ships 

resulting in the release of chemicals on board. Dolphins do not avoid areas where 

chemical spills have occurred (Henningsen & Würsig 1992, Smultea & Würsig 

1995). Dolphins in Barataria Bay, LA suffered from petroleum hydrocarbon exposure 

and toxicity following the Deepwater Horizon oil spill affecting dolphin’s adrenal 

hormones, lungs, survivability, and fecundity (Schwacke et al. 2014, Schwacke et al. 

2021).  

The Environmental Institute of Houston (EIH) at the University of Houston-Clear 

Lake (UHCL) partnered with Galveston Bay Foundation (GBF) in 2014 to form the 

Galveston Bay Dolphin Research Program (GDRP) and started conducting regular 

photo-ID surveys in upper Galveston Bay to further extend the limited knowledge of 

the Galveston Bay dolphin population. Since then, over 950 individual dolphins have 

been identified and about 192 exhibit year-round or seasonal site fidelity to the upper-

western portion of Galveston Bay (K. Fazioli, personal communication, April 24, 

2022). Based on data collected to date, the program has found that dolphin encounter 

rates increase in the upper portions of the bay during warm months where water 

temperatures are typically >23°C (May-October) with a decline in cooler months 
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where water temperature is typically <23°C (November-April) (Fazioli et al. 2017, 

Mintzer & Fazioli 2021).  

Foraging 

One of the most important factors affecting bottlenose dolphin movement patterns 

is the spatial and temporal distribution of prey resources (Shane et al. 1986, Hanson & 

Defran 1993, Hart 1998, Browning et al. 2014b), therefore determining the foraging 

ecology of these animals is crucial to understanding their life history. Data regarding the 

feeding ecology of dolphins throughout Galveston Bay was deficient at the beginning of 

this study. Most of the previous research was conducted in the lower portions of 

Galveston Bay and the Galveston Ship Channel (GSC) (Henningsen & Würsig 1992, 

Fertl 1994, Moreno 2005, Piwetz 2019).  

Various dolphin foraging behaviors exist around the world which can be 

population or site specific (Sargeant et al. 2005). Connor (2001) postulated that the 

variations in foraging behaviors are due to ecological variations. Since calves stay with 

their mother for years, it is likely that they are socially learning foraging behaviors 

between generations (vertical culture) (Whitehead et al. 2004). The behavior can also be 

ascertained by other conspecifics (horizontal culture). The definition of culture to which 

this paper refers is, “Information or behavior shared by a population or subpopulation- 

which is acquired from conspecifics through some form of social learning” (Rendell & 

Whitehead 2001). Variations in foraging specializations can be a product of different 

habitat types, different prey availability, and vertical and horizontal culture transmission 

(Berens McCabe et al. 2010).  

In the genus Tursiops foraging specializations have been observed that can occur 

in association with bottom substrate, in the water column, on the beach, and in the air. In 

the northwestern Bahamas, Rossbach and Herzing (1997) observed common bottlenose 



 

7 

 

dolphins crater feeding where craters are left in the sand after the dolphin has dug into the 

sand (sometimes burying itself up to its pectoral fins) seeking buried prey. A specialized 

form of crater feeding using sponges has been documented in Shark Bay, Australia where 

dolphins carry sponges on their rostrums to likely prevent abrasions on their rostrums 

during bottom grubbing (Smolker et al. 1997). A behavior seen with cetaceans around the 

world is fluke-out dives. This behavior is exhibited when dolphins dive down and their 

flukes come out of the water, assumingly to feed on prey located in the water column at 

deeper depths (Acevedo‐Gutiérrez & Parker 2000). Kerplunking is the act of the 

peduncle being lifted high out of the water before bringing the flukes down into the water 

creating a high vertical splash that is estimated to startle prey hiding in seagrass beds 

(Nowacek 1999, Connor 2001). Beaching behavior has been observed on a steep beach at 

the tip of the Peron Peninsula, Australia where dolphins surge partially or fully out of the 

water and onto the beach in order to catch fish (Berggren 1995, Sargeant et al. 2005). 

These animals are foraging individually and not as a social unit. In contrast, strand-

feeding occurs in South Carolina and Georgia and differs from beaching in that a group 

(range 1-6 but most frequently 4 individuals) of dolphins cooperatively swim in unison 

and create a surge wave to strand the fish onto the mud banks before feeding upon them 

(Duffy‐Echevarria et al. 2008). Dolphin mud plume feeding has been documented since 

1999 in the lower Florida Keys (Lewis & Schroeder 2003). During this behavior mud 

plumes were created by a single animal and then that animal would lunge through the 

plume (Lewis & Schroeder 2003). Individuals created their own plumes but multiple 

groups (consisting of 1-10 individuals) were as close as 20 to 100 m of each other 

engaging in the same behavior (Lewis & Schroeder 2003). Begging is a behavior where 

dolphins elicit food from a human such as head out of the water and opening mouth at the 

surface and is commonly observed in Sarasota, Florida (McHugh 2015). Fish whacking 
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has been observed in Sarasota Bay, Florida and also in Galveston Bay. Fish whacking is 

when a dolphin is side-swimming and quickly and forcefully strikes a fish with a dorsal 

or ventral thrust with its flukes (Wells et al. 1987, Nowacek 1999). Pinwheeling is also a 

behavior seen in Sarasota, Florida (Nowacek 2002) and Galveston Bay and is performed 

by an individual tucking its head and spinning in side-swim orientation, rotating around 

the midpoint of the body to herd fish (Leatherwood 1975, Nowacek 2002). Another 

dolphin foraging behavior observed in Galveston Bay since the 1990s is following fishing 

trawlers (Henningsen & Würsig 1991, Bräger 1993, Fertl 1994), with reports of this 

association dating back to the 1930s in other areas of Texas (Gunter 1942). Trawler 

foraging (patrolling) is a foraging technique that includes following behind the deployed 

nets of a shrimp trawler presumably feeding on nekton stirred up from the nets 

(Leatherwood 1975), nekton escaping through the turtle exclusion device (TED), directly 

getting into the net by lifting the lead line and feeding on discarded bycatch thrown 

overboard by the shrimper. Furthermore, the trawlers can concentrate the prey in one 

area, likely making it easier to catch. This behavior has been observed in Galveston Bay 

since the 1990s (Henningsen & Würsig 1991, Bräger 1993, Fertl 1994). Trawler foraging 

has also been documented off of the Atlantic coast of Florida, Baja California, the 

Mississippi Sound (Leatherwood 1975), and Moreton Bay, Australia (Chilvers & 

Corkeron 2001). In Moreton Bay, both sexes and all age groups of dolphins (Tursiops 

aduncus) engage in trawler foraging (Chilvers & Corkeron 2001). Sympatric conspecifics 

are also present and do not associate with trawlers (Chilvers & Corkeron 2001). Chilvers 

and Corkeron (2001) identified 242 dolphins that had been seen eight or more times, of 

which 154 animals were trawler dolphins and 88 animals were non-trawler dolphins.  

Previous studies have shown bottlenose dolphins around the world exhibit a 

generalist foraging strategy consuming a wide variety of prey, including demersal and 
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pelagic fish species, cephalopods, and crustaceans (Norris 1961, Gaskin 1982, Shane et 

al. 1986, Barros & Odell 1990, Barros & Wells 1998, Barros et al. 2000, Santos et al. 

2001). Since bottlenose dolphins have been shown to consume a wide variety of prey, 

they have often been called opportunistic feeders (Leatherwood 1975, Gaskin 1982, 

Shane et al. 1986); however, some studies have shown that certain populations exhibit 

selective feeding (Corkeron et al. 1990, Santos et al. 2001, Berens McCabe et al. 2010). 

Dolphins that spend most of their time offshore or in open coastal habitats are exposed to 

different prey species, such as cephalopods, while BSE dolphins typically depend more 

heavily on fish as prey (Berens McCabe et al. 2010). Barros and Wells (1998) found that 

between 1984-1996, Pinfish (Lagodon rhomboides) accounted for nearly 70% of all prey 

items ingested in stranded dolphins near Sarasota, Florida. Berens McCabe et al. (2010) 

analyzed stomach contents from 15 dolphins near Sarasota, Florida from 1996-2006 and 

found that the most abundant species preyed upon was Gulf Toadfish (Opsanus beta) 

which represented 34.8% of the total prey ingested, followed by Pinfish, Ladyfish (Elops 

saurus), and Spotted Seatrout (Cynoscion nebulosus) at 9.4%, 7.9%, and 7.5%, 

respectfully. Barros (1993) suggested that passive listening for soniferous fishes may be 

an important strategy for prey detection. This was supported by the Berens McCabe et al. 

(2010) study which found soniferous fishes made up 6.3% of available prey, while they 

were 51.9% of total prey consumed. 

The feeding rate of dolphins is difficult to estimate but data is available from 

captive dolphins, dead specimens from the wild, and live captured dolphins. Dolphins in 

captivity were fed 8-15 kg of fish per day throughout 3-5 feeding sessions (Wells et al. 

2013). Gunter (1942) captured an adult dolphin with about 40 pounds of fish in its 

stomach. Female dolphins do not eat more while pregnant but double their consumption 

during lactation (Kastelein et al. 2002). Twenty-nine recently dead bottlenose dolphin 
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stomachs were analyzed from Aransas Bay and St. Charles Bay, Texas from 1939-1941 

(Gunter 1942). Over 83% of the fishes were Striped Mullet (Mugil cephalus) (Gunter 

1942). The next most abundant fish was the Gizzard Shad (Dorosoma cepedianum) 

which made up about 8% of the stomachs (Gunter 1942). 

Dolphin and Prey Movements 

Abiotic variables such as temperature, salinity, depth, and distance from shore 

may be correlated with dolphin distribution: however, it is likely due to prey distribution 

(Torres et al. 2008). Upper portions of estuaries are warmer than offshore waters in the 

summer and cooler in the winter (Cowan Jr. et al. 2012). In subtropical estuaries such as 

Galveston Bay, the rainy season may be critical for immigration of juvenile fishes, 

freshwater discharge, and pulses of primary productivity (Cowan Jr. et al. 2012). 

Bräger (1993) observed a diurnal feeding pattern of dolphins during the summer 

in Galveston Bay and Gulf of Mexico, with most feeding occurring in the morning and 

another small peak in the afternoon. In the winter, more observations of foraging were 

recorded throughout the day with less traveling and socializing (Bräger 1993). This 

increase in feeding throughout the day was also observed in Florida when temperatures 

declined from 26.7-31.7⁰C to 15.6-20.6⁰C in the fall (Shane 1990, Bräger 1993). 

Dolphins may have higher energy requirements when the water temperature decreases 

(Bräger 1993). There is also likely less prey abundance in the cooler months based on 

many nekton life histories (Steichen 2018). Many species of nekton move about the 

estuary based on changes in salinity (Cowan Jr. et al. 2012). A myriad of estuarine 

species move offshore to spawn at various times of the year, presumably because the 

eggs are buoyant in saltwater and are intolerant to large changes in salinity (Cowan Jr. et 

al. 2012).  
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Multiple species of finfish previously documented as dolphin prey utilize Texas 

estuaries and nearshore coastal waters including Striped Mullet, White Mullet (Mugil 

curema), Sand Seatrout, and Southern Flounder (Paralichthys lethostigma). Striped 

Mullet will often leave the estuaries in autumn (Spiller 1982, TPWD 2015a), presumably 

to move to warmer waters where they can spawn and avoid cold winter temperatures 

(Wallace 1975, Whitfield et al. 2012). Some adults return to estuaries following 

spawning (Whitfield et al. 1978, Funicelli et al. 1989, Ditty & Shaw 1996) and others 

may remain within the marine environment (Whitfield et al. 2012). Striped Mullet spawn 

from late October to December along the Texas coast (Sheridan 1983, TPWD 2015a) and 

larvae become abundant in northern Gulf of Mexico between November and December 

(Ditty & Shaw 1996) in water temperatures between 23-25°C (Hill 2004). Chang et al. 

(2004) reported mullet in higher frequencies offshore as they matured. Adult Striped 

Mullet can survive in freshwater (0 ppt) to hypersaline conditions as high as 90 ppt (Lee 

& Menu 1981). They can tolerate temperatures from 6°C-33°C (Apekin & Vilenskaya 

1978, Marais 1978, Whitfield et al. 2012). The average adult standard length of Striped 

Mullet is 50cm (Thomson & Luther 1990). White Mullet also migrate offshore beyond 

the outer continental shelf to spawn, primarily from April to September (Ditty & Shaw 

1996).  

Sand Seatrout (Cynoscion arenarius) spawning occurs March-September with 

peaks in March and April and August and September in the lower estuary and shallow 

coast (7-15m depth) (Ditty et al. 1991). Larvae drift into upper estuaries and prefer 

shallow marshes and channels during their early life stages moving to deeper areas as 

they mature (Conner & Truesdale 1973, Moffett et al. 1979, Benson 1982, Ditty et al. 

1991). Early life stages are found over soft bottom (Conner & Truesdale 1973) while 

adults are found over most substrates in estuaries and offshore (Sutter & McIlwain 1987). 
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Trent et al. (1968) suggested that the distribution of Sand Seatrout is more dependent on 

temperature than salinity. Sand Seatrout tolerate a wide range of temperatures (6°C-

37°C) but prefer temperatures of 20-24°C or greater (Simmons & Hoese 1959, Roessler 

& Zieman 1970, Copeland & Bechtel 1974, Gallaway 1978, Moffett et al. 1979).  They 

are observed to tolerate a wide range of salinities (0-45 ppt), but larvae and juveniles are 

more tolerant in lower salinities (<15 ppt) (Gunter 1945, Benson 1982, Warren & Sutter 

1982, Ditty et al. 1991). 

Adult Southern Flounder concentrate at Bolivar Roads during the fall migration 

(November to January) from Galveston Bay as they move from the bay to spawn in the 

Gulf of Mexico (Spiller 1982). Dolphins have been seen fish tossing flounder in fall 

months as far back as the 1970s (Shane 1977, personal observation).  

Both subadult and juvenile white shrimp (Litopenaeus setiferus) and brown 

shrimp (Farfantepenaeus aztecus) move from shallow seagrass beds, tidal creeks and 

wetlands as they grow into deeper open bay waters and then move offshore to spawn 

(TPWD 2002a). However, these two species emigrate to the Gulf at different times of the 

year (TPWD 2002a). Brown shrimp exit the estuary from May through August with 

peaks from May to July while white shrimp exit the estuary from September through 

December (TPWD 2002a). Decreasing water temperatures in the fall are the main driving 

force for white shrimp emigrating to the Gulf (TPWD 2002a). 

Seasonal movements of dolphins in UGB coincide with Southern Flounder, 

Striped Mullet, and white shrimp emigration from the bay to spawn offshore (Spiller 

1982, TPWD 2002b, TPWD 2015a, Mintzer & Fazioli 2021). Dolphins in Galveston Bay 

have been observed fish tossing American Gizzard Shad, Striped Mullet, Southern 

Flounder and anecdotal communications with fishermen on shrimp trawlers have reported 

Atlantic Cutlassfish to be a favorite prey from bycatch thrown back from the trawlers. 
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Shane (1977) reported observing dolphins tossing Atlantic Cutlassfish exclusively in 

summer months.  

Objectives 

The overall goal of this research was to develop a better understanding of the 

trophic ecology of the Galveston Bay common bottlenose dolphin stock that will provide 

critical data needed to manage this species. The specific objectives of this study were to: 

(1) estimate areas used by dolphins for foraging and (2) estimate factors contributing to 

foraging habits of dolphins in Galveston Bay. It is impossible to determine the effects of 

environmental disturbances such as chemical spills, UMEs, or major freshwater influxes 

without development of prior baseline data on these critical life history attributes.  

Methods 

The following methods involving dolphin research were performed under the 

University of Houston-Clear Lake Institutional Animal Care and Use (IACUC) Protocol 

#F14.005 SEFSC permit #14450, NMFS permit #18881 and (Appendix A and B).  

Study Area  

This research was part of the GDRP’s long-term population study where the main 

study area in Upper Galveston Bay was attempted to be covered every month by photo-id 

surveys (Figure 1). Other areas of the Galveston Bay ecosystem were surveyed when 

time and weather conditions allowed.  
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Figure 1:  

 

Map of study area in Galveston Bay, TX. The red outline is the main study area for the 

Galveston Bay Dolphin Research Program (GDRP); however, surveys were conducted 

throughout the rest of the Galveston Bay, inshore of the Intracoastal Waterway. 

 

Habitat Categories 

Galveston Bay was split into three habitat categories: nearshore, open bay, and 

dredged channels based on general trends in bathymetry. Nearshore was considered the 

shoreline extending 500 m out where the depth generally slopes down to approximately 6 

ft (1.8 m). A buffer of 300 m was applied to the edges of the Houston Ship Channel 

(HSC), and this was considered the channel habitat where the depth averaged about 13.7 

m. A buffer of 200 m was applied on the edges of the Bayport Ship Channel (BSC) and a 
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buffer of 400 m was applied on the Texas City Channel. Open Bay was considered all 

areas between nearshore and channel where the average depth is 1.8 to 3.0 m excluding 

Red Fish Island which was defined as nearshore habitat where a 100 m buffer was 

applied based on bathymetry.  

Sampling Design: Photo-ID Surveys  

Boat-based, photo-ID population surveys were conducted following standardized 

procedures (Sarasota Dolphin Research Program 2006, Melancon et al. 2011, Rosel et al. 

2011, Urian et al. 2015). Surveys were conducted on three vessels including a 22 ft (6.7 

m) catamaran-style vessel (Twin Vee), a 25 ft (7.6 m) v-hull Boston Whaler, or on rare 

occasions, a 22 ft (6.7 m) v-hulled JH Performance. Boat crews were comprised of at 

least three people (a boat operator, a port observer, and a starboard observer), who were 

all actively searching for dolphins while on effort (Rosel et al. 2011). The vessel traveled 

at a speed between 11.5-20 mph (18.5-32 km/hr) along a transect with a randomized 

starting direction towards a randomized habitat type (nearshore, open bay, or channel) 

until dolphins were observed initiating the start of a sighting. A sighting is an observation 

of a single dolphin or group of dolphins interacting with one another, moving in the same 

general direction, or engaging in the same activity, usually within 100 m of each other. 

Once groups were encountered, the vessel was slowed to match the speed of the dolphins 

and the vessel moved parallel to the group within ~6-20 m to capture photographs using a 

digital camera with a zoom-telephoto lens (150-300 mm) of dorsal fins of individual 

dolphins for identification. While the photographer attempted to obtain photos of all the 

dorsal fins, the other observers helped keep track of dolphins and recorded data. The 

coordinates of the beginning and end of the sighting was recorded via GPS. Overall 

sighting conditions for detecting dolphins were determined using the combined attributes 

of lighting (cloud cover), sea state and glare. Cardinal directions were recorded for the 
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initial, general, and final heading of the dolphins. Dolphin activities were noted and 

ranked by prevalence during the sighting. Dolphin behavior indicative of probable 

feeding activity were swirling, fish tossing, following a shrimp trawler (patrolling), fluke 

out dives, or chasing fish, described as quick and variable direction of movement. 

Feeding activity was recorded when a fish was observed in the mouth of a dolphin. 

Herein, the term “foraging” will refer to the observation of either probable feeding or 

feeding activity. Human activity occurring within 100m of a dolphin group was recorded, 

along with any observed interactions.  Human interactions of interest in this study were 

classified as patrolling, scavenging, and probable scavenging. Patrolling is defined as, 

“following, milling, or traveling within 20 m of boats, lines, or piers.” The most common 

observation of patrolling was behind shrimp trawlers. Scavenging is, “observed feeding 

on bait or catch throwback, when the fisherman did not intend to feed the dolphin.” 

Probable scavenging is when indications of scavenging behavior was observed without 

confirmation of feeding. The total number of dolphins and composition of the group 

(adults, calves and young of year) was estimated. 

 Surface (~0.3 m deep) water temperature (°C) and salinity (psu) were recorded 

for each sighting using a YSI model multiparameter probe (sonde). If sightings were in 

close proximity with little time passed between the end of a previous sighting and the 

start of the next sighting (typically less than an hour), then water quality from the 

previous sighting or environmental point would be used. Once all the data and 

photographs were obtained for a sighting, the vessel continued the survey until another 

group of dolphins were encountered and the process was repeated. Additional 

environmental points were sampled at predetermined locations. Water quality parameters 

taken at environmental survey points included Secchi depth (m), water temperature (°C), 

salinity (psu), pH, and dissolved oxygen (% and mg/L) at three profile depths (0.3 m 
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above the bottom, middle of water column, and 0.3 m from the surface). Tides were 

recorded using the nearest NOAA buoy for sightings and environmental points. If an 

active trawler was encountered along a survey route and dolphins were not observed, the 

location of the trawler was noted along with its coordinates. An active trawler was 

defined as a trawler that is preparing to put nets in the water, pulling nets in the water, 

pulling up nets, processing catch or throwing bycatch overboard.  

Lab Methods 

Survey data was entered into the FinBase Photo-Identification Database System 

(Adams et al. 2006). Photographs from the field were sorted and established photo-

identification methods as described in Sarasota Dolphin Research Program (2006), Urian 

et al. (2015), and Rosel et al. (2011) were used to grade photos for quality and fins for 

distinctiveness. A catalog of all individuals were stored in FinBase, and fins were 

matched to previously identified dolphins. If a dolphin had not been previously observed 

or if it was not successfully matched, a new catalog number was created and assigned to 

that individual. All identifications were verified by a second qualified photo-

identification researcher. 

Data Analysis 

A one-sided, one-sample, proportion test was conducted in R (version 3.6.3) to 

test the probability that when a shrimp trawler was approached, dolphins were observed 

following the trawler more than 50% of the time (R Core Team 2021). A significance 

level of α = 0.05 was used for all statistical analyses. 

An odds ratio test was used to determine if the proportion of dolphins foraging 

was different between each habitat (channel, open bay, and nearshore). The odds ratio 

defined for each group used the formula (Ramsey & Schafer 2013): 

𝑜𝑑𝑑𝑠 𝑟𝑎𝑡𝑖𝑜 = 𝜔2/𝜔1 (1) 
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where ω2 was the odds of foraging for group 2 and ω1 was the odds of foraging for group 

1. For example, let ω1 be the odds of foraging in channel habitat = 100 foraging / 59 not 

foraging or 1.69. For every dolphin observed not feeding an estimated 1.69 dolphins are 

feeding. Let ω2 be the odds of foraging near shore = 12 foraging / 5 not foraging or 2.4. 

The odds ratio of ω2/ω1 = 1.42. The log of the odds ratio then can be used with the 

corresponding estimated standard error to calculate the z-statistic which can be compared 

against a standard normal distribution (Ramsey & Schafer 2013). The standard error is 

calculated: 

𝑆𝐸[𝑙𝑜𝑔(𝜔1/𝜔2)  = √(
1

𝑛1𝜋𝑐(1 − 𝜋𝑐)
+

1

𝑛2𝜋𝑐(1 − 𝜋𝑐)
) (2) 

The proportion of foraging behavior was calculated for each hour (0700-1500) of 

the survey day for each sighting and fitted with a beta regression model (betareg) in R 

(Ferrari & Cribari-Neto 2004, Cribari-Neto & Zeileis 2010). The beta regression analysis 

provides a robust alternative to simple linear regression when data are restricted between 

0 and 1 (i.e., proportional data where the data cannot take the values of 0 or 1). The hour 

data were transformed to account for the inherent cyclical pattern of time with the 

equation: 

𝑠𝑖𝑛 (2𝜋 (
𝑡𝑖𝑚𝑒

24
)) (3) 

Tide stages (low, rise, high, low) were compared to frequency (%) of foraging 

behavior observed for each sighting. 

Results 

Photo-ID Surveys: Habitat Analysis 

From 2015 to 2017 a total of 464.9 hours were spent on the water during 75 

photo-ID surveys covering 6,684.5 km (Table 1). During the 75 photo-ID surveys, 303 

sightings were recorded, and 2,604 dolphins were observed. Dolphins were observed 
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probable feeding or feeding (foraging) for 62.3% of the sightings (Figure 2). Of the 

sightings of dolphins foraging, 52.3% were observed in the channel followed by 41.4% in 

open bay, and 6.3% nearshore. Although dolphins were seen most often foraging in the 

channel, we failed to detect a statistically significant difference of the odds of observing 

foraging behavior between habitats (Table 2). Each tide stage was evaluated for the 

proportion of foraging behavior observed for each sighting (Figure 3). Foraging occurred 

58.8% of sightings during low tide, 61.0% during a rising tide, 64.6% during high tide, 

and 65.3% during a falling tide. 

 

Table 1:  

 

Photo-ID survey summary from 2015-2017. 

Year 
# of 

Surveys 

# of 

Sightings 
Total Distance (km) Total Hours 

2015 21 73 1623.5 118.0 

2016 26 99 2542.4 164.3 

2017 28 131 2518.6 182.7 

Total 75 303 6684.5 464.9 
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Figure 2:  

 

Map of all dolphin photo-ID sightings from 2015-2017. Blue circles depict dolphins not 

observed probable feeding/not feeding and purple triangles depict dolphins observed 

probable feeding/feeding (62.3% of all sightings). 
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Table 2:  

 

Odds ratio of observing dolphins foraging between each habitat. 

Habitat Comparison 
Odds 

Ratio 

Lower 

95% 

CI 

Upper 

95% 

CI 

z-statistic p-value 

Channel to Open Bay 1.03 0.64 1.67 0.12 0.90 

Nearshore to Channel 1.42 0.24 2.10 0.66 0.51 

Nearshore to Open Bay 1.46 0.48 4.39 0.70 0.48 

 

 

 

Figure 3:  

 

Frequency (%) of foraging behavior observed during each tide stage for sightings 2015-

2017. 
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Shrimp Trawler Association 

For the sightings where foraging behavior was observed, 68.7% of the time a 

trawler was present. All dolphins that have been seen nine or more times (n=200) to date 

have been associated with a shrimp trawler at least one time. It is estimated that when 

approaching a shrimp trawler during a survey, the probability of observing dolphins 

patrolling is 60.8% (this includes biopsy surveys i.e., not randomized transects; see 

Chapter 2) of the time (95% CI: 55.6% to 100.0% , one-sided, one-sample, proportion 

test, p-value <0.05). There were only three sightings in which a trawler was present 

within 100 m of a dolphin group and no interaction was observed. However, it is 

unknown if the dolphins from those sightings were interacting with the trawler prior to 

the start of the sighting. Of all photo-ID sightings, a trawler was present 42.9% of the 

time. Of all sightings during biopsy surveys (Chapter 2), a trawler was present 55.4% of 

the time. Trawlers were present for 46.8% of all sightings including biopsy and photo-ID 

surveys.  

Diel Foraging Behavior 

Foraging significantly decreased as time passed throughout the day in sightings 

during 2015-2017 (beta regression: pseudo R2= 0.8726, p-value <0.05) (Figure 4). 

Foraging was observed in 91% of the sightings from 0700 to 0759 (n=11) and was 

observed in 69% of the sightings from 0800 to 0859 (n=42). From 0900 to 0959, foraging 

behavior increased to 81% (n=42). From 1000 on, foraging decreased to 30% by 1559. 

Three sightings occurred in the 1600 hour but foraging was not observed and was 

excluded from the beta regression analysis.  
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Figure 4:  

 

Proportion of dolphins foraging from 0700 to 1500 for all photo-ID surveys from 2015-

2017 with a fitted beta line. Pseudo R2= 0.8726, p-value <0.05 

 

Discussion 

Dolphins were observed foraging individually and in groups, and with and 

without shrimp trawlers. Dolphins were observed foraging during 62.3% of the sightings. 

This finding is similar to previous observations of overall dolphin foraging (57%) in 

Lower Galveston Bay (Moreno 2005, Piwetz 2019). During the current study for the 

sightings where foraging behavior was observed, 68.7% of the time a trawler was also 

present. Piwetz (2019) found foraging associated with trawlers 52% of the time in the 

GSC. Similarly, Fertl (1994) reported dolphins with trawlers 54% of all observations in 

the GSC from 1990-1992. Henningsen and Würsig (1991) observed 42% of all sighted 

dolphins behind trawlers during a seven-month study in Galveston Bay and nearshore 

Gulf of Mexico.  
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Chilvers and Corkeron (2001) were able to distinguish two distinct sympatric 

communities based on trawler associations as a proxy. The non-trawler community relied 

heavily on sea grass habitats for foraging. Chilvers and Corkeron (2001) suggest trawling 

activities are an important factor for their habitat requirements, but dolphins are capable 

of foraging in the absence of trawlers. The current study encountered 200 dolphins that 

were seen nine or more times and found that they all have been associated with a shrimp 

trawler at least once. Based on low numbers of sighting histories (i.e., less than nine 

sightings) there is not enough evidence to show that there are dolphins in Galveston Bay 

that do not associate with trawlers and more data is needed. 

Piwetz (2019) found that dolphins were more likely to be foraging near trawlers 

in the morning and more likely to be foraging in the afternoon in areas without trawlers in 

the GSC. During the current study, the frequency of foraging during sightings declined 

throughout the day (0700-1600). The number of sightings also decreased as time passed. 

Trends in the number of individuals per sighting were not evaluated during this study. 

Although the number of sightings decreased, this does not imply that the number of 

dolphins observed decreased throughout the day. Dolphins were frequently observed in 

large groups primarily socializing in the afternoon throughout this study, which concurs 

with Piwetz (2019) finding of increased social behavior and decreased foraging behavior 

later in the day. 

Shrimp trawler bag limits, seasons, and fishing durations are regulated by TPWD. 

Prior to September 1, 2015, commercial bait-shrimp boat bag limits were regulated using 

two seasons: August 15 to March 31 fishing was permitted 30 minutes before sunrise to 

30 minutes after sunset with a 200-pound bag limit and April 1 to August 14 when 

fishing was permitted 30 minutes before sunrise to 2pm (TPWD 2014). As of September 

1, 2015, trawling is allowed 30 minutes before sunrise to 30 minutes after sunset year-
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round with a 200-pound limit for commercial bait-shrimp boats in major bays and bait-

bays (TPWD 2015b, TPWD 2016). For the sightings where foraging behavior was 

observed, 68.7% of the time a trawler was also present. Since dolphin foraging behavior 

was highly prevalent when trawlers were present, perhaps, the number of trawlers fishing 

throughout the bay declined as they met their weight limit. In addition, during 2015, the 

time limit for trawling from April 1 to August 14 occurred earlier in the day at 1400. 

Dolphins in Sarasota Bay, Florida forage throughout the day and peaks are observed in 

the morning and late afternoon (Wells et al. 2013). Individuals from the Sarasota Bay 

dolphin population were often found interacting with recreational boats (begging, 

patrolling, provisioning, depredating lines, scavenging) (Powell & Wells 2011). These 

behaviors with recreational boats are not commonly reported in Galveston Bay and 

perhaps recreational boat interactions are higher in Sarasota Bay due to a lack of 

commercial trawlers within the bay system and the higher number of recreational boats in 

Sarasota Bay. More research would be necessary to test this hypothesis. 

Dolphins were observed foraging most often in the channel (52.3%), followed by 

open bay (41.4%), and nearshore (6.3%). Moreno (2005) reported higher densities of 

dolphins in deeper waters in Lower Galveston Bay. Although dolphins were most 

observed foraging in the channel, a statistically significant difference was failed to be 

detected in the odds of observing foraging behavior between the habitats. The detection 

rates in different habitat types may vary for a variety of reasons such as the depth, the 

different areas of each habitat type, and dolphin behavior. This limitation should be 

explored further. 

Past studies in Sarasota Bay, Florida have found that when sea grass beds are 

present as a habitat, it is preferentially used as a foraging habitat over other areas (Barros 

& Wells 1998, Wilson et al. 2017). With the lack of extensive sea grass beds in most of 
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the Galveston Bay ecosystem, dolphins may instead take advantage of easy prey sources 

such as high concentrations of nekton associated with shrimp trawlers. 
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CHAPTER II:  

STABLE ISOTOPE ANALYSIS 

Introduction 

Stable Isotopes 

Stable isotopes of carbon (12C and 13C) and nitrogen (14N and 15N) are commonly 

used in estuarine ecology to aid in identifying the primary source of carbon incorporated 

into an organism and estimating trophic position (Fry 2006). Isotopes are the same 

element consisting of the same number of protons, yet a different number of neutrons. 

Isotopes change in a predictable manner as elements cycle through the biosphere 

(Peterson & Fry 1987). The ratio of the heavy isotope to the light isotope for a consumer 

is influenced by the organic matter that it consumes. Isotopic fractionation occurs 

because the lighter isotope usually proceeds slightly faster than the heavier isotope in 

reactions (Hagy III & Kemp 2012). Isotope ratios are calculated as a deviation from a 

standard reference material using a ratio of the heavy and light isotope and are expressed 

in delta (δ) notation and have units of per mil (‰).  

Stable isotope analysis (SIA) is a commonly used method for understanding the 

trophic ecology of various species of animals including mammals (Fry 2006). 

Specifically, SIA has been used around the world to determine marine mammal 

community structure (Barros et al. 2010, Kiszka et al. 2011, Browning et al. 2014b), 

foraging habitat (Fernández et al. 2011, Rossman et al. 2013), and feeding ecology 

(Ramsay & Hobson 1991, Ames et al. 1996, Walker et al. 1999, Davenport & Bax 2002, 

Kurle & Worthy 2002, Yamamuro et al. 2004, Lusseau & Wing 2006, Reich & Worthy 

2006, Knoff et al. 2008, Alves-Stanley & Worthy 2009, Kiszka et al. 2010a, Newsome et 

al. 2010, Worthy & Browning 2011, Wilson et al. 2013b).  
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Stable isotopes δ13C and δ15N are the most used isotopes to study foraging 

ecology such as trophic status and habitat use. Isotopic signatures from the consumer and 

food source are needed to construct potential trophic links. The δ13C value provides 

information on the type of ecosystem or trophic pathway the prey came from (e.g., 

terrestrial vs. aquatic). Whereas the δ15N value provides information regarding what 

trophic level the predator and prey inhabit. Nearshore production from attached algae and 

detritus results in a higher (enriched) δ13C value while pelagic production from 

phytoplankton results in a lower (depleted) δ13C value (France 1995, Post 2002, Fry 

2006). An increased (enriched) δ15N value is indicative of higher trophic levels. Also, 

artificially elevated δ15N values can occur in urban estuaries where nitrogen is discharged 

from anthropogenic sources such as wastewater effluent (Fry 2006, Barcenas 2013). 

Nitrogen pathways in upper Galveston Bay are dominated by anthropogenic sources from 

the San Jacinto and Trinity Rivers (Barcenas 2013). The next bay most affected by 

anthropogenic nitrogen loading was Trinity, followed by East, and West Bays (Barcenas 

2013). 

Terrestrial and freshwater organic material are more 13C depleted (δ 13C= -28‰) 

while marine phytoplankton is more 13C enriched (δ 13C= -21‰) (Hagy III & Kemp 

2012). The most enriched 13C come from seagrasses and marsh plants (δ 13C= -13‰ to -

10‰) (Hagy III & Kemp 2012). Estuarine plants such as Spartina spp. can have a 

mixture of carbon sources from the terrestrial derived organic matter and may have the 

same δ 13C as marine phytoplankton (Hagy III & Kemp 2012). Evaluating stable isotopes 

of sulfur (δ 32S and δ 34S) concurrently with δ 13C has proven useful in further 

differentiating primary producer food webs supporting upper trophic level consumers 

(Hagy III & Kemp 2012). 
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Many studies have used stranded (deceased) marine mammals opportunistically to 

determine diets and possible trophic relationships (Davenport & Bax 2002, Borrell et al. 

2006, Knoff et al. 2008, Barros et al. 2010, Fernández et al. 2011, Worthy & Worthy 

2011, Rossman et al. 2013, Browning et al. 2014b). However, the use of stranded animals 

exclusively can be problematic for several reasons. Gut contents from stranded animals 

can provide biased and limited information since it is based on what diseased or injured 

individuals are capable of capturing and eating prior to death. Using tissue samples from 

stranded animals may also generate biased estimates of population levels of stable isotope 

composition since injured or sick dolphins may have ceased feeding or shifted their 

feeding behavior towards habitats containing easier to catch prey or towards easier to 

capture prey within a specific habitat. Also, stranded animals that are not part of a 

population that is being studied provide only limited information about their life history. 

However, the isotopic signatures do not change over time in deceased animals (Payo-

Payo et al. 2013). Payo-Payo et al. (2013) did not find any statistical differences in stable 

isotope signatures from deceased striped dolphins (Stenella coeruleoalba) tissues 

sampled over various increments during a 62-day study. Although the isotopic signatures 

do not change over time, caution should be taken when conducting SIA on dead 

individuals because they may provide a biased estimate of the trophic relationships of 

healthy dolphins. However, the use of SIA on deceased animals can complement stomach 

content data and observational feeding in long-term studies. 

Prey 

In order to characterize the trophic ecology and diet of bottlenose dolphins, it is 

necessary to obtain data on potential prey items. Barcenas (2013) collected extensive data 

on the δ13C and δ15N isotopic signatures of potential prey of dolphins within Galveston 

Bay.  Barcenas (2013) collected δ13C and δ15N values for 49 different species from 32 
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families totaling 623 samples in 90 different sites in the Galveston Bay ecosystem. 

Recently published data indicated diet-tissue discrimination factors (differences in the 

prey and consumer) of 1.01±0.37‰ (mean±sd) for δ 13C and 1.57±0.52‰ (mean±sd) for 

δ 15N are appropriate to use for bottlenose dolphins (Giménez et al. 2016). Similarly, 

Browning et al. (2014a) suggests diet-tissue discrimination factors of 1‰ for δ 13C and 

1.5‰ for δ 15N as opposed to 3‰ commonly used for δ 15N values. Isotopic turnover rates 

of 2-3 weeks for bottlenose dolphins suggest that there is potential for assessing recent 

feeding ecology and habitat usage in wild populations (Browning et al. 2014a, Browning 

et al. 2014b). Half-life turnover rates for captive bottlenose dolphins suggests 24.16±8.19 

days for carbon and 47.63±19 days for nitrogen (Giménez et al. 2016). 

Data collected by Texas Parks and Wildlife Department (TPWD) over a 23-year 

period (1992-2015) found 30 species of juvenile to subadult life stages accounted for 

97% of total catch with a bag seine within 15.2 m of shore. The top ten species were Gulf 

Menhaden (Brevoortia patronus), white shrimp, brown shrimp, Florida grass shrimp 

(Palaemonetes sp.), Atlantic Croaker (Micropogonias undulatus), Spot (Leiostomus 

xanthurus), Bay Anchovy (Anchoa mitchilli), Pinfish, White Mullet, and Inland 

Silverside (Menidia beryllina). Gulf Menhaden made up 47% of the total catch from their 

study period (Steichen 2018). Seasonal cyclical trends were evident, with the highest 

number of individuals captured (catch per unit effort = CPUE) in the summer (June-

August), decreasing as the year progressed, with the lowest CPUE in winter (December-

February). The CPUE started to increase in the spring (March-May) (Steichen 2018). 

During winter and spring Gulf Menhaden and Atlantic Croaker exhibited the highest 

relative abundance. Gulf Menhaden were the most abundant species in the spring and 

white shrimp were the most abundant species in the fall throughout the Galveston Bay 

ecosystem. Based on the TPWD bag seine data, changes in the biotic composition were 
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driven by seasonal patterns and did not appear to respond to extreme events such as 

droughts or floods.  

Some of the most diverse of the benthic nekton are the croakers, mullets, 

stingrays, shrimps, and crabs which eat benthic invertebrates (Cowan Jr. et al. 2012). 

Mobile predators such as the sea trouts (Cynoscion sp.) feed on more motile prey such as 

pelagic fishes and penaeid shrimps and are loosely associated with the bottom (Cowan Jr. 

et al. 2012). These type of fishes or secondary consumers are not limited to a certain 

habitat and are widely distributed throughout the estuary (Cowan Jr. et al. 2012). Marine 

catfishes (Ariidae) are omnivorous benthic foragers often feeding on many different types 

of prey (Yåñez-Arancibia et al. 1988). Anecdotal evidence of dolphins eating just the 

bodies of sea catfish and leaving the heads, dorsal and pectoral fins dates back to 1942 

(Gunter 1942). Ronje et al. (2017) documented eight individual dolphins in the 

Mississippi Sound, Mississippi, Pensacola Bay, Florida, St. Joseph Bay, Florida and 

Sarasota, Florida associated with severed catfish heads. Hardhead Catfish (Ariopsis felis) 

were also observed in dolphin’s mouths (Ronje et al. 2017). Records of trauma and death 

of dolphins have been attributed to fish spines in the Gulf of Mexico, including four 

instances in Texas (Ronje et al. 2017). Catfish otoliths occur in relatively low abundance 

in dolphin stomachs, and it may be that the decapitation of catfishes may be 

underestimating their consumption (Ronje et al. 2017).  

In one study in Sarasota Bay, Florida, Striped Mullet was among the largest prey 

consumed, but overall contribution of biomass was second to Pinfish, (and similar to 

Pigfish, Orthopristis chrysoptera) due to their low numbers in stomachs of stranded 

dolphins (Barros & Wells 1998). On the East Coast of Florida in the Indian River 

Lagoon, Striped Mullet ranked third in prey species consumed in terms of importance by 

frequency of occurrence and total numbers taken (Barros 1993). Average standard 
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lengths for prey consumed by dolphins in Sarasota Bay ranged from 69 mm to 640 mm 

with most prey measuring generally within 124 mm to 168 mm (Barros & Wells 1998). 

Dolphin Biopsy Methods 

Over the past 25 years, scientists from the Northeast Fisheries Science Center 

have collected thousands of biopsy samples using a variety of methods from wild 

cetaceans (Wenzel et al. 2010). The processes that are used to collect skin tissue from 

live animals include biopsy poles (Bilgmann et al. 2007), modified 0.22 caliber rifles 

(Krützen et al. 2002, Kiszka et al. 2010a, Browning et al. 2014b), capture-release efforts 

(Rossman et al. 2013, Browning et al. 2014b), exfoliation (Lusseau & Wing 2006), ex-

situ sampling (Browning et al. 2014a), and crossbows with modified darts (Weller et al. 

1997, Gorgone et al. 2008, Kiszka et al. 2011).  

The use of the biopsy pole is limited to bow-riding dolphins (Bilgmann et al. 

2007). Bilgmann et al. (2007) found that the biopsy pole system resulted in mild 

behavioral responses when hit or missed by the biopsy pole. This mild behavioral 

response was described as the individual accelerating under water and leaving the bow 

(Bilgmann et al. 2007). Dolphins in Galveston Bay bow-ride on large ships and barges. 

At the beginning of this study, it was assumed dolphins would not bow-ride on a small 

vessel travelling at 2-6 knots and therefore this method was not utilized. Taking 

exfoliated skin samples also requires bow-riding dolphins and so this method was not an 

option.  

Capture-release efforts cause stress to cetaceans because the handling process is 

prolonged and the risk for injury is higher. Capture-release methods also require many 

skilled professionals and was not a feasible option at the beginning of this study. Since 

this study focused on wild common bottlenose dolphins any type of ex-situ sampling was 

not a viable option.  
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The International Whaling Commission has found that remote biopsy darting is an 

acceptable method of obtaining tissue samples based on lack of evidence of chronic 

negative effects on sampled small and large cetaceans (International Whaling 

Commission 1991). The method that was used to obtain skin samples for this study was a 

remote biopsy darting technique using a crossbow and modified bolt that has been 

demonstrated to be safe technique with only limited short-term behavioral responses and 

minor transient injury to the animal (Weller et al. 1997, Krützen et al. 2002, Noren & 

Mocklin 2012, Tezanos-Pinto & Baker 2012). Gorgone et al. (2008) found that this type 

of sampling had minimal behavioral effects on the target and non-target animal(s) that 

were within close proximity to the sampled dolphin. Of the thousands of remote biopsy 

samples taken from cetaceans, only one case of mortality has been reported (Bearzi 

2000). In this case, the dart hit in the desired location, but the wound did not appear to be 

the direct cause of death. The dolphin’s blubber was thin and the dart penetrated the 

muscle layer. Bearzi (2000) postulated that death was induced by vagal shock with 

ceased breathing leading to heart failure. Since this is the only reported case of death 

related to remote biopsy darting, it is anomalous.  

Objectives 

The objectives of this study were to: (1) estimate areas used for foraging, (2) 

estimate factors contributing to foraging behaviors, and (3) estimate proportions of 

different prey consumed by common bottlenose dolphins in Galveston Bay. 

Methods 

Sampling Design: Dolphin Biopsy Surveys 

Remote biopsy sampling was conducted following standardized protocols 

developed by the National Institute of Standards and Technology (NIST) and NOAA 

(Wenzel et al. 2010, NOAA 2014). A Barnett BCR crossbow, CETA-DART® 
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aluminum/carbon fiber bolts, and sterilized stainless steel tip cutter heads developed by 

Dr. Finn Larsen were used to obtain biopsy samples (Figure 5 and 6). The custom cutter 

heads are stainless steel measuring 10 mm wide x 25 mm deep and are built with three 

retention barbs affixed internally to obtain maximum sampling retention (Figure 6). The 

custom designed bolts are built with a high-pressure polyethylene flotation molded on the 

forward portion of the bolt. A GoPro camera was fixed to the forward shaft of the 

crossbow to record all shots and to attempt to record the behavior following the shot. 

Ready to use sample kits were provided by the NIST. Personnel sampling with the 

crossbow completed training with experienced samplers from the Chicago Zoological 

Society-Sarasota Dolphin Research Program (CZS-SDRP) in Sarasota, Florida and in 

Galveston Bay. Biopsy surveys were conducted similar to photo-id surveys, but routes 

were not randomized, rather directed with intent to find as many dolphin groups as 

possible within targeted regions of the bay. Dolphins were sought in areas with the 

highest encounter probability, such as following shrimp trawlers. Attempts were made to 

sample dolphins throughout various locations in Upper Galveston Bay (UGB), Trinity 

Bay, East Bay, and Lower Galveston Bay (LGB). Biopsy darting was also attempted in 

West Bay, but it was very difficult to get a sample due to the low number of dolphins 

encountered and high number of mom/calf pairs. Irwin and Würsig (2004) estimated 

dolphin abundance in West Bay to be 28 to 38, including nonresident individuals.  
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Figure 5: 

 

 Photo of crossbow and modified dart used to take remote biopsy samples of dolphins. 
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The biopsy crew consisted of at least a coxswain (boat operator), an arbalester 

(crossbow operator), a photographer, and when available, a data recorder. If a fourth 

person was unavailable, then the datasheet would be filled out by one of the other three 

crew members after the shot was taken. When a dolphin or group was sighted, the 

coxswain slowed the vessel down to match the speed of the dolphin. The photographer 

determined if a dolphin was suitable for sampling. If the animal had been previously 

biopsied it was not targeted to be biopsied again. Other circumstances that eliminated a 

dolphin from being sampled were animals that looked emaciated or ill and dolphins that 

displayed evasive behaviors. Evasive behaviors defined by NOAA are prolonged diving, 

underwater exhalation, underwater course changes, or rapid swimming at the surface. 

Only adults were targeted for sampling. A group that contained a calf that is known or 

estimated to be less than two years of age (<50-75% of the presumed mother’s body 

length) (Urian & Wells 1996) or adults that had an animal surfacing in echelon (adjacent 

Figure 6:  

 

Left: Close up of the flotation device and 10x25mm stainless steel sampling tip. 

Right: The three retention barbs inside of the sampling tip. 
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to and slightly behind) position were also avoided. If the individual dolphin was deemed 

a good candidate, the arbalester would attempt to collect a biopsy sample from the region 

of the body immediately below the dorsal fin (Gorgone et al. 2008) and above the lateral 

mid-line (Figure 7). The sample attempt was only taken when the arbalester was 

perpendicular to the target animal. Biopsy darts were not reused in the field if the shot 

resulted in a sample or if the dart hit the water or hit the animal without collecting a 

sample. In most cases, the photographer took pictures of the dorsal fin of the target 

dolphin in addition to the dart impact. The bolt was immediately retrieved from the water. 

The data recorder documented the spatial location using a GPS and completed the biopsy 

datasheet. The group behavior (pre-biopsy and post-biopsy) was recorded in addition to 

the estimated distance from boat (Wenzel et al. 2010, NOAA 2014).  

 

 

 

 

 



 

38 

 

A full sample included skin and blubber and weighed approximately 0.8 g. 

Although this study focused on the stable isotope analysis, the sample was subsampled 

into pieces to be archived and used for genetics (gender determination and genomic 

DNA), toxicogenomics, histopathology and immunohistochemistry, persistent organic 

pollutants, and mercury analysis for other projects (Figure 8). The photographer took a 

photo of the sample with a scalebar to document sample length (mm). The sample was 

divided into the epidermis layer and blubber layer using sterile forceps. The epidermis 

layer was sectioned additionally, and a small piece of skin was placed in cryogenic vial 

(Cryovial®) for stable isotope analysis. The blubber was further divided for other 

analyses. The stable isotope sample was placed in a liquid nitrogen dry shipper while on 

Figure 7:  

 

Photo taken right after dart sampled dolphin tissue below the dorsal fin and 

above the lateral midline. 
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the sampling vessel. Upon returning from the field, the samples were moved to a -80°C 

freezer prior to analysis.  

During sample processing, the other crew members completed the biopsy 

datasheet and watched the target animal to record post-biopsy behaviors. After the 

sample was processed and all datasheets were completed, another biopsy attempt may 

have been attempted in the same group if the dolphins were still approachable. No more 

than three sampling attempts were made from each group and no more than two samples 

were collected from individuals of the same group.  

In addition to the remote biopsy darting of live dolphins, four samples were 

obtained from stranded (deceased) dolphins under a NMFS parts authorization and in 

collaboration with the Texas Marine Mammal Stranding Network (TMMSN). Samples 

Figure 8:  

 

Photo of sample split into sections for different analyses. The smallest piece of skin 

was used for stable isotope analysis. 
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were transferred to UHCL and stored in a -80°C freezer until all samples were ready to be 

analyzed. 

Fish Sampling 

All fish were collected according to IACUC (#11.001.R1) protocols (Appendix 

C). Fish sampling was conducted throughout Galveston Bay in June and August of 2015 

and in August of 2016 for potential dolphin prey. In 2015, fish were opportunistically 

taken during sampling for the National Coastal Condition Assessment (NCCA), a project 

contracted to EIH by the Texas Commission on Environmental Quality and the United 

States Environmental Protection Agency. Sampling sites were chosen using a 

Generalized Random Tessellation Stratified survey design (USEPA Office of Water and 

Office of Research and Development 2015). Two additional sites were added to the 

August 2016 sampling to get a more representative sample throughout Galveston Bay. 

Fish were collected from a 22 ft (6.7 m) catamaran-style vessel using an otter 

trawl with an opening of approximately 3.1 m by 0.3 m and a stretch mesh size of 38.2 

mm. One to four tows were pulled for 5-15 minutes each at a speed of about 2-3 kts. 

Three specimens of Atlantic Croaker, Sand Seatrout, and Spot were targeted at each site. 

If those three species were not captured, then other species were kept. Fishes were put in 

a Ziploc bag and placed on ice and upon arrival to the lab transferred to a -80°C freezer. 

When the fish were processed, they were weighed (grams) and standard length (mm) was 

measured. Scales were removed (if applicable) with a scalpel and epaxial muscle was 

taken using a biopsy punch. The muscle was placed in a Cryovial® and placed back into 

the -80°C freezer. 

Lab Methods 

Genetic analysis of dolphin skin samples was conducted by NOAA Fisheries 

(Southeast Fisheries Science Center). Dolphin and fish samples were freeze-dried 
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(Labconco Inc. Model #7750020), sealed in Cryovials® and sent to the Stable Isotope 

Geosciences Facility at Texas A&M University (College Station, TX) to be ground, 

weighed, and analyzed by mass spectrometry. A Thermo Scientific DeltaplusXP isotope 

ratio mass spectrometer with Carlo Erba NA 1500 Elemental Analyzer was used for 

stable isotope analysis. Standard reference materials that were used included carbon from 

Vienna Pee Dee Belemnite (V-PDB) and atmospheric nitrogen gas. Data are expressed as 

per mil (‰) using delta (δ) notation based on the equation: 

𝛿𝑋 = ((
𝑅𝑠𝑎𝑚𝑝𝑙𝑒

𝑅𝑠𝑡𝑎𝑛𝑑𝑎𝑟𝑑
) − 1) ∗ 1000 (4) 

where “X” is 15N or 13C and “R” is 15N/14N or 13C/12C. A ±1σ instrumental uncertainty of 

±0.2‰ for both isotopes was reported by the lab. Many studies use lipid extracted tissues 

because high lipid content decreases the signal for δ13C. However, lipid extraction alters 

the apparent δ15N in tissue. Therefore, Wilson et al. (2013a) recommended against lipid 

extraction if C:N ratios were <4.5 for dolphins. All dolphin sample C:N ratios were <4.5 

and therefore lipid extraction was not conducted.  

Data Analysis 

Data were statistically analyzed using R (version 3.6.3). A significance level of 

α=0.05 was used for all statistical analyses. Prior to statistical analysis a Shapiro-Wilk 

test was used to check for normality for dolphin isotope samples. A Wilcoxon Rank Sum 

Test was used to determine if there were differences between δ13C (‰) and δ15N (‰) 

values of the stranded (deceased) dolphin samples and live dolphin samples. A Kruskal-

Wallis Rank Sum Test was used to determine if there were differences between δ13C (‰) 

and δ15N (‰) values by year (2015, 2016, 2017) or by habitat (nearshore, open bay, 

channel). If differences were detected a Pairwise Wilcoxon Rank Sum Test was used to 

determine which variable differed. A Wilcoxon Rank Sum Test was also used to 
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determine if there were differences between δ13C (‰) and δ15N (‰) values between sexes 

and by location (UGB and LGB).  

MixSIAR 

Mixing models use a formula that utilizes isotope values from the consumer and 

potential prey (Phillips 2012). A Bayesian isotope mixing model, Stable Isotope Analysis 

in R (MixSIAR version 3.1.10), was used to estimate proportions of dolphin prey 

consumption (Stock & Semmens 2016). MixSIAR is an open-source R package that users 

create and run Bayesian mixing models to analyze biological tracer data (e.g., stable 

isotopes). MixSIAR uses a model fitting algorithm called Markov Chain Monte Carlo 

(MCMC) that repeatedly estimates values of proportions of prey (Parnell et al. 2010, 

Phillips et al. 2014). The new estimates produced from the algorithm are compared to old 

estimates and values that are not similar are discarded (Parnell et al. 2010, Phillips et al. 

2014). The similar values create a Markov chain and as the number and length of MCMC 

chains is increased, the chains will converge on the true posterior distribution for each 

variable (Stock & Semmens 2016). MCMC estimate a posterior distribution for each 

variable and the mean, median, standard deviation, and Bayesian credible intervals can be 

calculated (Stock & Semmens 2016). Two diagnostic tests are produced with MixSIAR 

results: the Gelman-Rubin and Geweke (Stock & Semmens 2016). The Gelman-Rubin 

convergence diagnostic should be <1.05 (Gelman & Rubin 1992, Brooks & Gelman 

1998, Stock & Semmens 2016). The Geweke diagnostic test is a two-sided z-test 

comparing the mean of the first part of the chain to the mean of the second part of the 

chain (95% confidence) (Geweke 1991, Stock & Semmens 2016). At convergence of the 

chains, the means should be the same (Stock & Semmens 2016). MixSIAR models for 

this study were developed with three MCMC chains and on the “very long” (1,000,000 

chain length and 500,000 burn in value) for optimal convergence of chains. 
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MixSIAR requires data from the consumer (dolphins), the source (nekton), and 

fractionation values (difference between the consumer and source) to estimate 

proportions of each source to the consumer. Fractionation values from past studies were 

used for analysis (1.01±0.85‰ [mean ± sd] for δ13C and 1.57±0.52‰ [mean ± sd] for 

δ15N) and are assumed constant across all nekton prey sources (Giménez et al. 2016, 

Wilson et al. 2017). Since samples were not lipid extracted, an uncertainty of 1.7‰ was 

incorporated into the δ13C value (Wilson et al. 2013b, Wilson et al. 2017). Isotopic data 

on potential prey organisms were obtained from a food web study in Galveston Bay 

(2008-2009) and were combined with fishes sampled in the current study (2015-2016) 

(Barcenas 2013). Phillips et al. (2014) recommends the number of sources used in the 

MixSIAR model should be limited without excluding any sources and that the 

discriminatory power of mixing models starts to decline above six or seven sources. In 

order to include a broad range of probable prey sources, Phillips et al. (2005) 

recommends grouping sources to reduce the total number. Therefore, Ward’s hierarchical 

cluster analysis was used to group 19 nekton species into six groups based on their mean 

C and N isotopic values (Phillips et al. 2005, Giménez et al. 2017). A cluster dendrogram 

was generated using Ward’s hierarchical cluster analysis and Euclidean distance in R 

(Murtagh & Legendre 2014). Ward’s agglomerative clustering methods are unique in that 

it is based on a classical sum-of-squares criterion which produces groups that minimize 

within-group dispersion at each binary fusion (Murtagh & Legendre 2014).   

Results 

Isotopic Analysis of Dolphin Biopsy Samples 

From 2015 to 2017 a total of 239.9 hours were spent on the water during 35 

biopsy surveys covering 2,692.5 km (Table 3). A total of 36 live dolphin biopsy samples 

were taken and four samples were provided by the TMMSN from stranded dead dolphins. 
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Of the 40 samples, 13 were collected in 2015, 12 were collected in 2016, and 15 were 

collected in 2017 (Figure 9).  
 

Table 3:  

 

Biopsy survey summary table from 2015-2017. 

Year 
# of 

Surveys 

# of 

Sightings 

Total 

distance 

(km) 

Total 

Hours 

# of 

Shots 

Taken 

# of 

Biopsy 

Samples 

# of 

Stranded 

Samples 

2015 11 55 754.6 84.2 22 13 0 

2016 20 65 1648.5 130.0 16 10 2 

2017 4 19 289.4 25.6 17 13 2 

Total 35 139 2692.5 239.8 55 36 4 

Figure 9:  

 

Map of dolphin biopsy sample locations by year throughout the Galveston Bay 

ecosystem. 

Upper Galveston Bay 

Lower Galveston Bay 
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Twenty-four samples were taken in UGB, and 16 samples were taken in LGB 

(Table 4). Overall, the δ13C values ranged from -20.59‰ to -15.95 ‰ and the δ15N values 

ranged from 15.45‰ to 22.78‰ (Table 4). The median δ13C value overall was -18.68‰ 

and the median value overall for δ15N was 19.73‰. The mean δ13C value overall was       

-18.67‰ and the median value overall for δ15N was 19.43‰. Environmental variables 

measured during biopsy surveys are summarized by year in Appendix D. 

 

Genetic analysis of skin samples was conducted on all samples that were analyzed 

for stable isotopes except one (Catalog ID #69) where enough sample was not obtained to 

analyze. For analysis involving sex, #69 was presumed to be a male based on its 

coefficient of association (seen 24 times together out of 26 sightings=0.923) with another 

large animal (Catalog ID #79) who have been seen flanking a female (anecdotal field 

observation). Coefficient of association values range from 0.00 for two dolphins never 

Table 4: 

 

Descriptive statistics of δ13C (‰) and δ15N (‰) based on dolphin tissue samples 

collected by location from 2015-2017. 

  δ13C (‰)  δ15N (‰) 

Location n Min Med Mean Max  Min Med Mean Max 

Upper  

Galveston 

Bay 

24 -20.59 -19.10 -18.80 -15.95 

 

15.67 20.01 19.79 21.4 

Lower  

Galveston 

Bay 

16 -20.46 -18.45 -18.47 -16.76 

 

15.45 18.86 18.88 22.78 

Upper & 

Lower 

Combined 

40 -20.59 -18.68 -18.67 -15.95 

 

15.45 19.73 19.43 22.78 
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sighted with each other to 1.00 for dolphins always seen with one another. Lifelong male 

pair bonds are common in bottlenose dolphins around the world and presumed to be 

beneficial for both males when courting a female (Wells et al. 1987, Parsons et al. 2003, 

Diaz-Aguirre et al. 2018). Assuming #69 is a male, 31 samples were obtained from males 

and nine samples from females (Table 5).  
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Table 5:  

 

 Summary of individual dolphin δ13C (‰) and δ15N (‰) values by ascending date, sex, and location. All sex data confirmed 

by genetics except for #69 who is assumed male based on coefficient of association with another large individual (denoted 

by “*”). 

Date Catalog ID Sex Location Latitude Longitude δ13C (‰) δ15N (‰) C:N Ratio 

24-Aug-2015 302 M UGB 29.56738 -95.00000 -18.05 20.94 3.36 

25-Aug-2015 282 M UGB 29.51749 -94.95311 -20.20 19.77 4.28 

25-Aug-2015 288 F UGB 29.55714 -94.99387 -17.44 18.87 3.31 

26-Aug-2015 11 M UGB 29.61448 -94.97879 -19.91 20.47 3.86 

26-Aug-2015 209 M UGB 29.63261 -94.97800 -19.17 20.41 3.85 

26-Aug-2015 234 M UGB 29.67639 -94.98004 -16.42 19.45 3.17 

26-Aug-2015 284 M UGB 29.63387 -94.98589 -19.71 19.80 3.61 

28-Aug-2015 393 M UGB 29.52640 -94.96370 -18.27 20.37 3.58 

20-Sep-2015 427 M UGB 29.60192 -94.94746 -15.95 18.73 2.95 

05-Oct-2015 211 M UGB 29.60037 -94.96336 -19.55 20.46 3.64 

07-Oct-2015 118 M UGB 29.52204 -94.88850 -19.02 20.26 3.47 

07-Oct-2015 428 M LGB 29.50749 -94.87462 -19.93 18.73 3.75 

13-Oct-2015 429 M UGB 29.53440 -94.89774 -19.61 19.99 3.37 

17-May-2016 284 M UGB 29.59640 -94.98708 -20.42 19.97 3.58 

28-Jun-2016 73 F UGB 29.55303 -94.95710 -18.82 19.23 3.39 

28-Jun-2016 146 M UGB 29.56345 -94.99990 -17.84 20.24 3.20 

01-Jul-2016 1 M UGB 29.61334 -94.97702 -19.40 19.42 3.51 

01-Jul-2016 570 M UGB 29.59985 -94.96121 -18.53 15.67 3.63 

25-Jul-2016 572 M LGB 29.36703 -94.82846 -17.57 16.51 3.32 

28-Jul-2016 296 M LGB 29.37906 -94.78981 -16.76 15.45 3.53 

19-Aug-2016 445 M LGB 29.42565 -94.85171 -18.56 17.92 3.37 

19-Aug-2016 542 M LGB 29.42025 -94.87893 -18.05 20.46 3.30 

19-Aug-2016 573 M LGB 29.44969 -94.84591 -18.24 19.29 3.29 

25-Aug-2016 124 M LGB 29.39052 -94.78447 -19.37 18.88 3.76 

05-Dec-2016 UNK1 M LGB 29.37438 -94.83662 -20.46 17.41 4.27 

21-Aug-2017 213 M LGB 29.37190 -94.78466 -19.17 19.36 3.50 

21-Aug-2017 689 F LGB 29.39488 -94.77829 -19.01 18.06 4.23 

21-Aug-2017 752 F LGB 29.37310 -94.78624 -18.53 19.68 3.34 

21-Aug-2017 753 F LGB 29.34882 -94.81954 -18.79 18.81 3.22 

21-Aug-2017 754 M LGB 29.35369 -94.82789 -17.76 19.94 3.53 

22-Aug-2017 69 M* LGB 29.52274 -94.81709 -17.61 18.83 3.30 

22-Aug-2017 160 F LGB 29.51079 -94.71084 -18.36 20.03 3.42 

22-Aug-2017 744 F UGB 29.52586 -94.88677 -17.90 18.62 3.01 

23-Aug-2017 323 M UGB 29.62945 -94.93150 -19.56 20.32 3.57 

23-Aug-2017 480 F LGB 29.49377 -94.90038 -17.27 22.78 3.09 
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Date Catalog ID Sex Location Latitude Longitude δ13C (‰) δ15N (‰) C:N Ratio 

23-Aug-2017 700 F UGB 29.62566 -94.91689 -19.68 20.03 3.74 

24-Aug-2017 1 M UGB 29.61490 -94.97737 -20.59 21.12 3.59 

24-Aug-2017 27 M UGB 29.64509 -94.96635 -18.34 18.22 3.52 

21-Nov-2017 UNK2 M UGB 29.55887 -95.01678 -19.30 21.40 3.46 

02-Dec-2017 80 M UGB 29.52870 -95.00550 -17.59 21.12 3.03 
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Isotopic Analysis of Nekton Samples  

A total of 12 sites were sampled for fish from 2015 and 2016 (Figure 10). Nine 

sites were sampled in 2015 and eight sites were sampled in 2016. Six of the eight 

sampled in 2016, were revisits from 2015. A total of 128 fish representing nine species 

were sampled from 2015 and 2016 (Table 6). Of the 128 fish collected, 53 were sampled 

in 2015 and 75 were sampled in 2016. The smallest δ13C recorded was -28.39‰ from an 

Atlantic Croaker collected in LGB in 2015. The highest δ13C was -18.07‰ from a Spot 

sampled in LGB in 2015. The smallest δ15N was 9.94‰ from an Atlantic Croaker 

sampled in UGB in 2015 (Appendix E). The highest δ15N was 22.88‰ from a Spot 

sampled in UGB in 2015.

Figure 10: 

 

Map of sites sampled in 2015 and/or 2016 for fish tissue. 
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Table 6: 

 

Descriptive statistics of δ13C (‰) and δ15N (‰) values measured in fish collected during 2015-2016. 

Fish  δ13C (‰) δ15N (‰) 

Scientific 

name 

Common 

name n Min Q1 Med Mean Q3 Max Min Q1 Med Mean Q3 Max 

Elops saurus Ladyfish 1 -25.21 -25.21 -25.21 -25.21 -25.21 -25.21 17.82 17.82 17.82 17.82 17.82 17.82 

Ariopsis felis 
Hardhead 

Catfish 
6 -21.02 -20.03 -19.43 -19.45 -18.56 -18.23 16.70 17.03 17.49 17.37 17.54 18.09 

Bagre marinus 
Gafftopsail 

Catfish 
11 -26.79 -23.77 -22.84 -22.90 -21.91 -20.29 17.17 18.00 18.68 18.72 19.38 20.33 

Cynoscion 

arenarius 

Sand 

Seatrout 
36 -26.46 -24.67 -23.17 -23.26 -22.74 -18.88 15.20 17.46 17.83 17.95 18.58 20.60 

Leiostomus 

xanthurus 
Spot 22 -26.00 -24.20 -21.39 -22.19 -20.70 -18.07 14.43 16.16 17.84 18.02 19.39 22.88 

Micropogonias 

undulatus 

Atlantic 

Croaker 
45 -28.39 -24.37 -23.41 -23.36 -21.77 -18.89 9.94 17.53 18.54 18.24 19.28 22.03 

Pogonias 

cromis 

Black 

Drum 
1 -22.38 -22.38 -22.38 -22.38 -22.38 -22.38 20.67 20.67 20.67 20.67 20.67 20.67 

Trichiurus 

lepturus 

Atlantic 

Cutlassfish 
4 -22.07 -21.93 -21.29 -21.19 -20.55 -20.13 15.86 16.00 17.36 17.48 18.85 19.35 

Chloroscombrus 

chrysurus 

Atlantic 

Bumper 
3 -23.57 -21.46 -19.34 -20.42 -18.85 -18.36 15.92 16.45 16.98 16.78 17.21 17.44 
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Spatial, Temporal, and Gender Stable Isotope Comparison 

A significant difference was not detected between isotopic values of stranded 

dead and live dolphin samples (Wilcoxon Rank Sum Test, p-value >0.05). Therefore the 

stranded dolphin samples were used in all subsequent statistical analyses except between 

habitat comparisons.  The location (UGB or LGB) of where the stranded dolphins were 

found was used with the assumption that is where they were prior to death. Two of the 

stranded dolphins were unable to be matched to the GDRP catalog. The other two 

stranded dolphins had multiple sightings in UGB, where they stranded.  

There was a significant difference in δ15N (‰) between UGB and LGB (Wilcoxon 

Rank Sum Test, W=105.5, p-value ≤0.05) (Figure 11). There were significant differences 

between δ15N (‰) values for at least one of the years (2015, 2016, 2017) (Kruskal-Wallis 

Rank Sum Test, p-value ≤0.05). Although, the Pairwise Wilcoxon Rank Sum Test only 

suggested a difference between 2015 and 2016, it was not statistically significant at a p-

value of 0.05 (Figure 12). There were no significant differences in δ15N (‰) values 

between sexes. No significant differences were detected between δ13C (‰) values 

between any of the variables. 
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Figure 11: 

 

Bar graph of dolphin δ15N (‰) from Lower Galveston Bay (LGB) and Upper Galveston 

Bay (UGB). LGB: median: 18.9, 95% CI: 18.0-19.5. UGB: median: 20.0, 95% CI: 19.4-

20.3. 
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Stable Isotope Mixing Model  

Ward’s hierarchical cluster analysis was used to group 19 nekton species into six 

groups based on their mean isotopic values (Figure 13). Data collected from the current 

study during fish sampling in 2015 and 2016 and from nekton from 2008 to 2009 from 

Barcenas (2013) were used in the groupings (Table 7). Dolphin isotopic values were 

generally within the constraints of the prey on the isoplot which is required to meet 

assumptions of the MixSIAR model (Phillips et al. 2014) (Figures 14 and 15). The 

Gelman diagnostic should be <1.05 and all variables were below 1.01. The Geweke 

diagnostic also indicated that chains were well converged (95% confidence). 

Figure 12:  

 

Bar graph of dolphin δ15N (‰) values from 2015-2017. 2015: median: 20.0, 95% CI: 

18.9-20.4. 2016: median: 19.1, 95% CI: 16.5-19.6. 2017: median: 19.9, 95% CI: 18.8-

20.3. 
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Figure 13: 

 

Cluster dendrogram of Ward’s hierarchical cluster analysis of 19 nekton species 

classified into six groups used for MixSIAR analysis based on similarity of average δ13C 

and δ15N tissue values. Numbers in bottom left of red boxes indicate group assignment.
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Table 7: 

 

Nekton trophic groupings based on δ13C and δ15N using Ward's hierarchical cluster 

analysis and their respective mean and standard deviations (SD) of δ13C and δ15N. 

Group Common Name Scientific Name 
Mean 
δ13C 

SD 
δ13C 

Mean 

δ15N 

SD 

δ15N 
n 

1 American 

Gizzard Shad+ 

Dorosoma cepedianum -20.82 1.51 17.58 1.32 25 

Atlantic 

Cutlassfish 

Trichiurus lepturus 

Black Drum* Pogonias cromis 

Brown Shrimp+ Farfantepenaeus aztecus 

Atlantic 

Bumper` 

Chloroscombrus 

chrysurus 

White Shrimp+ Litopenaeus setiferus 

2 Atlantic Brief 

Squid+ 

Lolliguncula brevis -18.96 1.39 17.22 1.18 14 

Hardhead 

Catfish` 

Ariopsis felis 

Striped Mullet+ Mugil cephalus 

3 Atlantic 

Croaker` 

Micropogonias 

undulatus 

-23.02 2.19 18.19 1.84 118 

Gafftopsail 

Catfish` 

Bagre marinus 

Sand Seatrout` Cynoscion arenarius 

Spot` Leiostomus xanthurus 

Spotted 

Seatrout+ 

Cynoscion nebulosus 

4 Gulf 

Menhaden+ 

Brevoortia patronus -21.18 1.21 15.71 2.08 6 

Silver Perch+ Bairdiella chrysoura 

5 Pinfish+ Lagodon rhomboides -19.32 1.41 13.47 1.64 11 

Southern 

Flounder+ 

Paralichthys lethostigma 

6 White Mullet+ Mugil curema -16.27 1.71 17.5 0.59 2 

Data source: Barcenas (2013)+, current study`, current study and Barcenas (2013) data 

combined* 
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Figure 14:  

 

Isospace plot of δ13C (‰) and δ15N (‰) of dolphins (colored dots) and average prey 

groups (black dots) by location (UGB: Upper Galveston Bay; LGB: Lower Galveston 

Bay). Error bars indicate combined prey and discrimination factor uncertainty ± one 

standard deviation: Group 1: American Gizzard Shad, Atlantic Cutlassfish, Black Drum, 

Brown Shrimp, Atlantic Bumper, White Shrimp; Group 2: Atlantic Brief Squid, Hardhead 

Catfish, and Striped Mullet; Group 3: Atlantic Croaker, Gafftopsail Catfish, Sand 

Seatrout, Spot, and Spotted Seatrout; Group 4: Gulf Menhaden and Silver Perch; Group 

5: Pinfish and Southern Flounder; Group 6: White Mullet 
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Figure 15:  

 

Isospace plot of δ13C (‰) and δ15N (‰) of dolphins (colored dots) and average prey 

groups (black dots) by year. Error bars indicate combined prey and discrimination factor 

uncertainty ± one standard deviation: Group 1: American Gizzard Shad, Atlantic 

Cutlassfish, Black Drum, Brown Shrimp, Atlantic Bumper, White Shrimp; Group 2: 

Atlantic Brief Squid, Hardhead Catfish, and Striped Mullet; Group 3: Atlantic Croaker, 

Gafftopsail Catfish, Sand Seatrout, Spot, and Spotted Seatrout; Group 4: Gulf Menhaden 

and Silver Perch; Group 5: Pinfish and Southern Flounder; Group 6: White Mullet 
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Overall, group six which contained only one species, White Mullet, was estimated 

to contribute to the  highest proportion of nekton prey consumed by dolphins (median: 

25.3%) based on MixSIAR analyses (Figure 16). The second highest proportion 

consumed by dolphins overall was group two (Atlantic Brief Squid [Lolliguncula brevis], 

Hardhead Catfish, and Striped Mullet) at 21.0%. The third and fourth highest group 

consumed was group one (American Gizzard Shad [Dorosoma cepedianum], Atlantic 

Cutlassfish [Trichiurus lepturus], Black Drum [Pogonias cromis], Brown Shrimp, 

Atlantic Bumper [Chloroscombrus chrysurus], and White Shrimp) at 16.9% and group 

three (Atlantic Croaker, Gafftopsail Catfish [Bagre marinus], Sand Seatrout, Spot, and 

Spotted Seatrout) at 13.0%, respectively. Finally, the least consumed groups were four 

(Gulf Menhaden and Silver Perch [Bairdiella chrysoura]) and five (Pinfish and Southern 

Flounder) at 7.9% and 4.4%, respectively. 

Figure 16:  

 

Overall proportion estimates of prey consumed based on MixSIAR analysis (Group 1: 

American Gizzard Shad, Atlantic Cutlassfish, Black Drum, Brown Shrimp, Atlantic 

Bumper, and White Shrimp; Group 2: Atlantic Brief Squid, Hardhead Catfish, and 

Striped Mullet; Group 3: Atlantic Croaker, Gafftopsail Catfish, Sand Seatrout, Spot, and 

Spotted Seatrout; Group 4: Gulf Menhaden and Silver Perch; Group 5: Pinfish and 

Southern Flounder; Group 6: White Mullet) by dolphins overall: posterior medians 

(points), 50% credible intervals (thick bars), and 90% credible intervals (thin lines). 
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Group six was the highest proportion consumed by dolphins when analyzed by 

location (median: UGB: 26.3% and LGB: 25.4%) (Figure 17). The least and second least 

group consumed by dolphins in both UGB and LGB were groups four (Gulf Menhaden 

and Silver Perch, 4.1% and 7.9%, respectively) and five (Pinfish and Southern Flounder, 

1.9% and 4.4%, respectively). However, the second, third, and fourth most consumed 

groups slightly differed by location. The second highest group consumed by dolphins in 

UGB was group one (American Gizzard Shad, Atlantic Cutlassfish, Black Drum, Brown 

Shrimp, Atlantic Croaker, and White Shrimp) at 20.3% while the second largest group 

consumed by dolphins in LGB was group two (Atlantic Brief Squid, Hardhead Catfish, 

and Striped Mullet) at 21.3%. The third most consumed group in UGB was group three 

(Atlantic Croaker, Gafftopsail Catfish, Sand Seatrout, Spot, and Spotted Seatrout) at 

18.6%. The third most consumed group by dolphins in LGB was group one at 17.0%. 

The fourth most consumed group by UGB dolphins was two (16.0%) and for LGB 

dolphins group three (13.0%).  
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Proportion data analyzed by year resulted in the same order of groups for 2015 

and 2017 (groups six, one, two, three, four, and five in descending order) (Figure 18). 

However, 2016 was slightly different in the proportion of groups. In 2015 and 2017 

group six was the highest proportion of prey consumed (28.1% and 29.0%, respectively) 

while group two was the highest proportion consumed (21.3%) in 2016. The second 

highest prey group consumed in 2015 was the exact same for group one and two at 

18.2%. The second highest group preyed on 2017 was one (19.0%) and was group six in 

2016 (17.9%). The third highest group preyed on in 2017 was two (17.7%) and was 

group one in 2016 (15.5%). 

Figure 17:  

 

Proportion of prey groups consumed by dolphins at each location (UGB: Upper 

Galveston Bay and LGB: Lower Galveston Bay) (Group 1: American Gizzard Shad, 

Atlantic Cutlassfish, Black Drum, Brown Shrimp, Atlantic Bumper, White Shrimp; Group 

2: Atlantic Brief Squid, Hardhead Catfish, and Striped Mullet; Group 3: Atlantic 

Croaker, Gafftopsail Catfish, Sand Seatrout, Spot, and Spotted Seatrout; Group 4: Gulf 

Menhaden and Silver Perch; Group 5: Pinfish and Southern Flounder; Group 6: White 

Mullet) by dolphins: posterior medians (points), 50% credible intervals (thick bars), and 

90% credible intervals (thin lines). 
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Discussion 

The comparisons made by the different variables in GB of C and N are based on 

40 dolphin biopsy samples collected over 2015-2017. The statistical tests conducted on 

the C and N values may indicate a stronger detectable difference if a larger sample size 

was obtainable (i.e., more statistical power). 

It was expected that dolphins with lower δ13C values were likely foraging in 

Trinity Bay or Upper Galveston Bay while dolphins with higher δ13C values were likely 

Figure 18:  

 

Proportion of prey groups consumed by dolphins each year (Group 1: American Gizzard 

Shad, Atlantic Cutlassfish, Black Drum, Brown Shrimp, Atlantic Bumper, White Shrimp; 

Group 2: Atlantic Brief Squid, Hardhead Catfish, and Striped Mullet; Group 3: Atlantic 

Croaker, Gafftopsail Catfish, Sand Seatrout, Spot, and Spotted Seatrout; Group 4: Gulf 

Menhaden and Silver Perch; Group 5: Pinfish and Southern Flounder; Group 6: White 

Mullet) by dolphins: posterior medians (points), 50% credible intervals (thick bars), and 

90% credible intervals (thin lines). 
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foraging in East Bay or Lower Galveston Bay based on findings from Barcenas (2013). 

Barcenas (2013) found that based on δ 13C analysis, few of the nekton species sampled 

assimilated one basal carbon source exclusively, instead a mixture of sources from each 

sub-bay were consumed. In the eastern part of the Galveston Bay system, the food web 

supporting most of the species was based on a mixture of phytoplankton and epiphytic 

algae and/or detritus while in the western part of the Galveston Bay system, epiphytic 

algae and/or detritus are very important (Barcenas 2013). No detectable differences were 

observed by year, location, habitat, or sex in dolphin δ13C values during this study. This 

result implies that carbon sources in Galveston Bay are well mixed or dolphins that feed 

throughout the bay are not able to be distinguished. 

It was expected that δ15N values would be higher in UGB compared to LGB due 

to anthropogenic nitrogen loading from the Trinity and San Jacinto Rivers. The average 

δ15N value for dolphins overall in Galveston Bay for this study was 19.43‰. This 

average is much higher than any other location that was found in the literature. Nitrogen 

values from dolphins near Spain were approximately 5-6‰ lower than dolphins from 

Galveston Bay (Giménez et al. 2017, Brotons et al. 2019). Nitrogen values in various 

locations in Florida were nearly 5-10‰ lower than the average of Galveston Bay (Barros 

et al. 2010, Browning et al. 2014b, Wilson et al. 2017). Sharks (fork length <150cm) 

collected around Galveston, Texas were analyzed for stable isotopes and the highest 

average δ15N value was 16.43±0.09‰ for Blacktip sharks and the lowest average δ15N 

value was 15.91±0.08‰ for Bonnethead (Plumlee & Wells 2016). Holt and Ingall (2000) 

found that the δ15N levels from Spotted Seatrout collected in Galveston Bay were 

approximately 6‰ higher than the Upper Laguna Madre, suggesting the Spotted Seatrout 

in Galveston Bay feed at higher trophic levels, however, these results likely indicate the 
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contribution of anthropogenic nitrogen loading. Fry (1988) documented δ 15N values of 

11.2-15.2‰ for piscivorous fish in George’s Bank off of Massachusetts. 

Fry (1988) documented a consistent fractionation rate of 3.6‰ increase in δ 13N 

for every increase in trophic level in a pelagic food web. However,  Giménez et al. (2016) 

conducted a 350-day controlled experiment to determine fractionation factors and 

turnover rates in the skin of captive bottlenose dolphins and found 1.57± 0.52‰ 

(mean±sd) for δ15N to be an appropriate estimate for free ranging dolphins. 

Fine scale differences in diet between habitats were not detected during the 

current study using SIA. Although a significant difference in δ15N or δ13C was not 

detected between years using a Pairwise Wilcoxon Rank Sum Test, differences in 

proportions of prey consumed were observed using MixSIAR. In 2015 and 2017 group 

six represented the highest proportion of prey consumed while group two represented the 

highest proportion consumed in 2016. Most samples taken in 2015 were in UGB which 

may explain the differences between 2015 and 2016 or prey availability was different in 

2016 than in 2015 and 2017. There was a significant difference of δ15N (‰) between 

UGB and LGB (Wilcoxon Rank Sum Test, W=105.5, p-value ≤0.05) and this was 

reflected in the MixSIAR analysis with the second, third, and fourth most consumed 

groups being different by location.  

Significant (p <0.01) differences in isotopic signatures were not detected between 

male and female dolphins in Galveston Bay. Differences in prey composition between 

sexes have been observed in Florida (Barros & Odell 1990, Barros 1994). Barros and 

Odell (1990) documented female dolphins consumed mullet more frequently than males 

on the west coast of Florida. On the other side of Florida, Barros (1993) noted that male 

dolphins in the Indian River Lagoon preyed more frequently on Pinfish and Pigfish than 

females, and males from the Atlantic beachside consumed more squid than females. 
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During the current study there was a positive sampling bias toward male specimens due 

to our avoidance of mom and calf pairs. The target spot to biopsy on an adult dolphin is 

right where a calf would surface next to its mom. As a result, fewer females were 

sampled than males. 

 Isotopic signatures can vary spatially and temporally for any specific prey source. 

For this study, seasonality should not be a confounding factor when comparing dolphin 

tissue samples since most samples were collected between May-October over the study 

period. Over half of all dolphin samples were taken in August. Barcenas (2013) sampled 

Galveston Bay fishes from April-October in 2008 and in May 2009. 

Freshwater pulses into Galveston Bay are important to changes of environmental 

variables such as salinity, nutrient and organic matter loading (Steichen 2018). However, 

one of the largest contributors to the impairment of river water quality in many states in 

the United States is the urban runoff and storm water with the highest eutrophic 

conditions observed in the Gulf of Mexico (45% of the estuaries surrounding the Gulf of 

Mexico) (Clement et al. 2001, Steichen 2018). Annual precipitation prior to sampling 

was 54.03 in, 44.93 in, 32.17 in for 2015, 2016, and 2017 respectively (TWDB 2020). 

Above average freshwater inflow occurred in 2015 and the relative abundance of fishes 

was higher compared to the drought year of 2011 (Steichen 2018). Atlantic Croaker and 

Gulf Menhaden were present in the highest relative abundance during times of lower 

salinity (Steichen 2018). When salinities increased throughout the bay, White Mullet and 

Spot abundance increased (Steichen 2018).  

Differences in isotopic signatures can only be detected if individuals are selecting 

different prey or feeding in different locations. The complexity of foraging behaviors by 

fishes in an estuary makes it difficult to define trophic levels due to ontogenetic shifts and 

prey availability at a given location and time (Cowan Jr. et al. 2012). Inferences from 
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models such as MixSIAR are estimates of the assimilated diet, which can differ from the 

ingested diet (Phillips et al. 2014). For example, some dolphins from Mississippi and 

Florida eat catfish bodies leaving the heads behind and therefore may not be identifiable 

in stomach content analysis (Ronje et al. 2017). This study reflects assimilation generally 

for the warm months of the year. 

Six (Silver Perch, Black Drum, American Gizzard Shad, Atlantic Bumper, 

Atlantic Cutlassfish, Atlantic Brief Squid) of the 19 species chosen to be analyzed for 

potential dolphin prey were not in the top 30 abundant species captured by TPWD from 

1992-2015, however, TPWD targeted juvenile and subadult nekton found close to the 

nearshore habitat. While dolphins may eat larger adult fish, the TPWD data represents 

abundant species present throughout the Galveston Bay ecosystem but may be missing 

species that do not use the nearshore habitat as juveniles or subadults and are not 

captured with the standard beach seine sampling method used for the long-term 

monitoring. Barros and Odell (1990) analyzed stomach contents from stranded dolphins 

near Galveston Bay and reported a mixed diet of fish, shrimp, and cephalopods with 

individual prey items often being small in size. They speculated that the diverse prey 

composition in the stomachs of these dolphins was due to foraging on discarded 

organisms from shrimp trawlers. 

It is important to note that although White Mullet was the highest reported 

proportion consumed for dolphin diets, any prey having similar isotopic values (mean 

δ13C: -16.27±1.71 and mean δ15N: 17.5±0.59) that were not used in this study may be 

important dolphin prey. Although some groups minimally contribute to the overall 

proportion of dolphin diets, they are still important to include into the model to ensure all 

assumptions are met (dolphins bound by prey sources in isoplot). The model was run 
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several times with different prey sources in order to minimize variables but to also be 

inclusive of many prey isotopic spaces.  

 Fish and invertebrates are commonly used as bioindicators of overall health of an 

estuary (Bortone et al. 2005, Bortone 2005, Quigg & Steichen 2015, Steichen 2018, 

Steichen & Quigg 2018) and therefore dolphins which feed on these species can act as 

sentinels of estuarine health (Reif 2011). Data collected for this research can be used to 

estimate trophic positions and used in conjunction with mercury and organochlorine 

contaminant analysis (Monk et al. 2014) to examine trophic level biomagnification in the 

GB ecosystem (Barragán-Barrera et al. 2019). GDRP continues to monitor the population 

in GB. Long-term sighting data paired with SIA may contribute to determining if 

individuals are residents of the GB ecosystem or transients. Including the analysis of 

sulfur isotopes or fatty acids in future studies may facilitate population differentiation of 

the BSE dolphin stock and nearshore dolphin stocks (Barros et al. 2010, Browning et al. 

2014b, Giménez et al. 2017).  



 

67 

 

REFERENCES  

Acevedo‐Gutiérrez, A. and N. Parker. 2000. Surface behavior of bottlenose dolphins is 

related to spatial arrangement of prey. Marine Mammal Science 16:287-298. 

Adams, J. D., T. Speakman, E. Zolman and L. H. Schwacke. 2006. Automating Image 

Matching, Cataloging, and Analysis for Photo-Identification Research. Aquatic 

Mammals 32:374-384. 

Altmann, J. 1974. Observational study of behavior: sampling methods. Behaviour:227-

267. 

Alves-Stanley, C. D. and G. A. Worthy. 2009. Carbon and nitrogen stable isotope 

turnover rates and diet–tissue discrimination in Florida manatees (Trichechus 

manatus latirostris). Journal of Experimental Biology 212:2349-2355. 

Ames, A. L., E. S. Van Vleet and W. M. Sackett. 1996. The use of stable carbon isotope 

analysis for determining the dietary habits of the Florida manatee, Trichechus 

manatus latirostris. Marine Mammal Science 12:555-563. 

Apekin, V. and N. Vilenskaya. 1978. A description of the sexual cycle and the state of 

the gonads during the spawning migration of the striped mullet, Mugil cephalus. J 

Ichthyol 18:446-456. 

Balmer, B. C., L. H. Schwacke, R. S. Wells, R. C. George, J. Hoguet, J. R. Kucklick, S. 

M. Lane, A. Martinez, W. A. Mclellan and P. E. Rosel. 2011. Relationship 

between persistent organic pollutants (POPs) and ranging patterns in common 

bottlenose dolphins (Tursiops truncatus) from coastal Georgia, USA. Science of 

The Total Environment 409:2094-2101. 

Balmer, B. C., R. S. Wells, L. H. Schwacke, J. H. Schwacke, B. Danielson, R. C. George, 

S. M. Lane, W. A. Mclellan, D. A. Pabst and K. Sparks. 2013. Integrating 

multiple techniques to identify stock boundaries of common bottlenose dolphins 



 

68 

 

(Tursiops truncatus). Aquatic Conservation: Marine and Freshwater Ecosystems 

24:511-521. 

Barcenas, D. L. 2013. Use of Stable Isotope Analyses to Describe Trophic Dynamics of 

Aquatic Ecosystems in Galveston Bay, Texas. 

Barragán-Barrera, D. C., A. Luna-Acosta, L. J. May-Collado, C. J. Polo-Silva, F. G. Riet-

Sapriza, P. Bustamante, M. P. Hernández-Ávila, N. Vélez, N. Farías-Curtidor and 

S. Caballero. 2019. Foraging habits and levels of mercury in a resident population 

of bottlenose dolphins (Tursiops truncatus) in Bocas del Toro Archipelago, 

Caribbean Sea, Panama. Marine Pollution Bulletin 145:343-356. 

Barros, N. and D. K. Odell. 1990. Food Habits of Bottlenose Dolphins in the 

Southeastern United States. The bottlenose dolphin:309-328. 

Barros, N. B. 1993. Feeding ecology and foraging strategies of bottlenose dolphins on the 

central east coast of Florida. Ph.D. dissertation, University of Miami, Coral 

Gables, Florida 328 pp. 

Barros, N. B. 1994. Feeding ecology and foraging strategies of bottlenose dolphins on the 

central east coast of Florida. 

Barros, N. B., P. H. Ostrom, C. A. Stricker and R. S. Wells. 2010. Stable isotopes 

differentiate bottlenose dolphins off west-central Florida. Marine Mammal 

Science 26:324-336. 

Barros, N. B., E. Parsons and T. A. Jefferson. 2000. Prey of offshore bottlenose dolphins 

from the South China Sea. Aquatic Mammals 26:2-6. 

Barros, N. B. and R. S. Wells. 1998. Prey and Feeding Patterns of Resident Bottlenose 

Dolphins (Tursiops truncatus) in Sarasota Bay, Florida. Journal of Mammalogy 

79:1045-1059. 



 

69 

 

Batchelor, M. E. and C. G. Guthrie. 2008. Galveston Bay Freshwater Inflow Re‐Study. 

An investigation of productivity-inflow relationships. Texas Water Developmentj 

Board, Austin, TX.45pp. 

Bearzi, G. 2000. First report of a common dolphin (Delphinus delphis) death following 

penetration of a biopsy dart. The journal of cetacean research and management 

2:217-221. 

Benson, N. G. 1982. Life history requirements of selected finfish and shellfish in 

Mississippi Sound and adjacent areas. Fish and Wildlife Service. 

Berens Mccabe, E. J., D. P. Gannon, N. B. Barros and R. S. Wells. 2010. Prey selection 

by resident common bottlenose dolphins (Tursiops truncatus) in Sarasota Bay, 

Florida. Marine Biology 157:931-942. 

Berggren, P. 1995. Foraging behaviour by bottlenose dolphins (Tursiops sp.) in Shark 

Bay, Western Australia: beaching for a meal. Pages 14-18  Proceedings of the 

11th Biennial Conference on the Biology of Marine Mammals, Orlando, Florida. 

Bilgmann, K., O. J. Griffiths, S. J. Allen and L. M. Möller. 2007. A biopsy pole system 

for bow‐riding dolphins: sampling success, behavioral responses, and test for 

sampling bias. Marine Mammal Science 23:218-225. 

Borrell, A., A. Aguilar, V. Tornero, M. Sequeira, G. Fernandez and S. Alıs. 2006. 

Organochlorine compounds and stable isotopes indicate bottlenose dolphin 

subpopulation structure around the Iberian Peninsula. Environment International 

32:516-523. 

Bortone, S., W. Dunson and J. Greenawalt. 2005. Fishes as estuarine indicators. Estuarine 

indicators 28:381-391. 

Bortone, S. A. 2005. The quest for the “perfect” estuarine indicator: an introduction. 

Pages 1-7. St. Lucie, FL, USA: CRC Press. 



 

70 

 

Bräger, S. 1993. Diurnal and Seasonal Behavior Patterns of Bottlenose Dolphins 

(Tursiops truncatus). Marine Mammal Science 9:434-438. 

Brooks, S. P. and A. Gelman. 1998. General methods for monitoring convergence of 

iterative simulations. Journal of computational and graphical statistics 7:434-455. 

Brotons, J. M., V. Islas-Villanueva, C. Alomar, A. Tor, R. Fernández and S. Deudero. 

2019. Genetics and stable isotopes reveal non-obvious population structure of 

bottlenose dolphins (Tursiops truncatus) around the Balearic Islands. 

Hydrobiologia 842:233-247. 

Browning, N. E., C. Dold, I. F. J and G. A. Worthy. 2014a. Isotope turnover rates and 

diet-tissue discrimination in skin of ex situ bottlenose dolphins (Tursiops 

truncatus). J Exp Biol 217:214-221. 

Browning, N. E., S. D. Mcculloch, G. D. Bossart and G. a. J. Worthy. 2014b. Fine-scale 

population structure of estuarine bottlenose dolphins (Tursiops truncatus) 

assessed using stable isotope ratios and fatty acid signature analyses. Marine 

Biology 161:1307-1317. 

Chang, C., Y. Iizuka and W. Tzeng. 2004. Migratory environmental history of the grey 

mullet Mugil cephalus as revealed by otolith Sr:Ca ratios. Marine Ecology 

Progress Series 269:277-288. 

Chilvers, L. B. and P. J. Corkeron. 2001. Trawling and bottlenose dolphins' social 

structure. Proceedings of the Royal Society B: Biological Sciences 268:1901-

1905. 

Christiansen, F., D. Lusseau, E. Stensland and P. Berggren. 2010. Effects of tourist boats 

on the behaviour of Indo-Pacific bottlenose dolphins off the south coast of 

Zanzibar. Endangered Species Research 11:91-99. 



 

71 

 

Clement, C., S. B. Bricker and D. E. Pirhalla. 2001. Eutrophic Conditions in Estuarine 

Waters. In: NOAA's State of the Coast Report.   Silver Spring, MD: National 

Oceanic and Atmospheric Administration. 

Colbert, A. A. 1999. Investigation of unusual mortalities of bottlenose dolphins along the 

mid-Texas coastal bay ecosystem during 1992. US Department of Commerce. 

Conner, J. V. and F. M. Truesdale. 1973. Ecological implications of a fresh water 

impoundment in a low salinity marsh. 

Connor, R. C. 2001. Individual foraging specialization in marine mammals: Culture and 

ecology. Behavioral and Brain Sciences 24:329-330. 

Copeland, B. and T. J. Bechtel. 1974. Some environmental limits of six gulf coast 

estuarine organisms. 

Corkeron, P. J., M. Bryden and K. Hedstrom. 1990. Feeding by bottlenose dolphins in 

association with trawling operations in Moreton Bay, Australia. Pages 329-336  

The bottlenose dolphin. Elsevier. 

Cowan Jr., J. H., A. Yáñez‐Arancibia, P. Sánchez‐Gil and L. A. Deegan. 2012. Estuarine 

Nekton. Pages 327-355 in J. W. Day , B. C. Crump, W. M. Kemp  and A. Yáñez‐

Arancibia eds. Estuarine Ecology. 

Cribari-Neto, F. and A. Zeileis. 2010. Beta regression in R. Journal of statistical software 

34:1-24. 

Cush, C. C. and R. S. Wells. 2013. Introducing GoMDIS: The Gulf of Mexico Dolphin 

Identification System. 

Davenport, S. R. and N. J. Bax. 2002. A trophic study of a marine ecosystem off 

southeastern Australia using stable isotopes of carbon and nitrogen. Canadian 

Journal of Fisheries and Aquatic Sciences 59:514-530. 



 

72 

 

Diaz-Aguirre, F., G. J. Parra, C. Passadore and L. Möller. 2018. Kinship influences social 

bonds among male southern Australian bottlenose dolphins (Tursiops cf. 

australis). Behavioral Ecology and Sociobiology 72:190. 

Ditty, J. G., M. Bourgeois, R. Kasprzak and M. Konikoff. 1991. Life history and ecology 

of sand seatrout Cynoscion arenarius Ginsburg, in the northern Gulf of Mexico: a 

review. Gulf of Mexico Science 12:4. 

Ditty, J. G. and R. F. Shaw. 1996. Spatial and temporal distribution of larval striped 

mullet (Mugil cephalus) and white mullet (M. curema, family: Mugilidae) in the 

northern Gulf of Mexico, with notes on mountain mullet, Agonostomus monticola. 

Bulletin of Marine Science 59:271-288. 

Duffy‐Echevarria, E. E., R. C. Connor and D. J. St. Aubin. 2008. Observations of strand‐

feeding behavior by bottlenose dolphins (Tursiops truncatus) in Bull Creek, South 

Carolina. Marine Mammal Science 24:202-206. 

Fazioli, K. and V. Mintzer. 2020. Short-term Effects of Hurricane Harvey on Bottlenose 

Dolphins (Tursiops truncatus) in Upper Galveston Bay, TX. Estuaries and Coasts. 

Fazioli, K., V. Mintzer and G. Guillen. 2017. Site fidelity of bottlenose dolphins 

(Tursiops truncatus) in a highly-industrialized estuary. In Society for Marine 

Mammalogy, 22nd Biennial Conference on the Biology of Marine Mammals. 

Halifax, Canada. 

Fernández, R., S. García-Tiscar, M. B. Santos, A. López, J. A. Martínez-Cedeira, J. 

Newton and G. J. Pierce. 2011. Stable isotope analysis in two sympatric 

populations of bottlenose dolphins Tursiops truncatus: evidence of resource 

partitioning? Marine Biology 158:1043-1055. 

Fernandez, S. and A. Hohn. 1998. Age, growth, and calving season of bottlenose 

dolphins, Tursiops truncatus, off coastal Texas. Fishery Bulletin 96(2): 357-365. 



 

73 

 

Ferrari, S. and F. Cribari-Neto. 2004. Beta Regression for Modelling Rates and 

Proportions. Journal of Applied Statistics 31:799-815. 

Fertl, D. C. 1994. Occurence, Movements, and Behavior of Bottlenose Dolphins 

(Tursiops truncatus) in Association With the Shrimp Fishery in Galveston Bay, 

Texas. Master of Science, West Texas A&M University, West Texas A&M 

University 131 pp. 

Fire, S. E., Z. Wang, M. Byrd, H. R. Whitehead, J. Paternoster and S. L. Morton. 2011. 

Co-occurrence of multiple classes of harmful algal toxins in bottlenose dolphins 

(Tursiops truncatus) stranding during an unusual mortality event in Texas, USA. 

Harmful Algae 10:330-336. 

France, R. 1995. Carbon-13 enrichment in benthic compared to planktonic algae: 

foodweb implications. Marine Ecology Progress Series 124:307-312. 

Fry, B. 1988. Food web structure on Georges Bank from stable C, N, and S isotopic 

compositions. Limnology and Oceanography 33:1182-1190. 

Fry, B. 2006. Stable Isotope Ecology. 

Funicelli, N., D. Meineke, H. Bryant, M. Dewey, G. Ludwig and L. Mengel. 1989. 

Movements of striped mullet, Mugil cephalus, tagged in Everglades National 

Park, Florid. Bulletin of Marine Science 44:171-178. 

Gallaway, B. J. 1978. Seasonal abundance and distribution of marine fishes at a hot-water 

discharge in Galveston Bay, Texas. Texas A&M University Libraries. 

Gaskin, D. E. 1982. The ecology of whales and dolphins. 

Gelman, A. and D. B. Rubin. 1992. Inference from iterative simulation using multiple 

sequences. Statistical science 7:457-472. 

Geweke, J. F. 1991. Evaluating the accuracy of sampling-based approaches to the 

calculation of posterior moments. Federal Reserve Bank of Minneapolis. pp. 



 

74 

 

Giménez, J., A. Marçalo, F. Ramírez, P. Verborgh, P. Gauffier, R. Esteban, L. Nicolau, 

E. González-Ortegón, F. Baldó, C. Vilas, J. Vingada, M. G Forero and R. De 

Stephanis. 2017. Diet of bottlenose dolphins (Tursiops truncatus) from the Gulf 

of Cadiz: Insights from stomach content and stable isotope analyses. PLoS ONE 

12:14. 

Giménez, J., F. Ramírez, J. Almunia, M. G. Forero and R. De Stephanis. 2016. From the 

pool to the sea: Applicable isotope turnover rates and diet to skin discrimination 

factors for bottlenose dolphins (Tursiops truncatus). 475:54-61. 

Gorgone, A. M., P. A. Haase, E. S. Griffith and A. A. Hohn. 2008. Modeling Response of 

Target and Nontarget Dolphins to Biopsy Darting. Journal of Wildlife 

Management 72:926-932. 

Gunter, G. 1942. Contributions to the natural history of the bottlenose dolphin, Tursiops 

truncatus (Montague), on the Texas coast, with particular reference to food habits. 

Journal of Mammalogy 23:267-276. 

Gunter, G. 1945. Studies on marine fishes of Texas. Publ Inst Mar Sci Univ Texas 1:45-

46. 

Hagy III, J. D. and W. M. Kemp 2012. Estuarine Food Webs. Pages 417-441 in B. C. C. 

J.W. Day, W.M. Kemp and A. Yáñez‐Arancibia ed. Estuarine Ecology. 

Hansen, L. J., L. H. Schwacke, G. B. Mitchum, A. A. Hohn, R. S. Wells, E. S. Zolman 

and P. A. Fair. 2004. Geographic variation in polychorinated biphenyl and 

organochlorine pesticide concentrations in the blubber of bottlenose dolphins 

from the US Atlantic coast. Science of the total environment 319:147-172. 

Hanson, M. T. and R. Defran. 1993. The behavior and feeding ecology of the Pacific 

coast bottlenose dolphin, Tursiops truncatus. Aquatic Mammals 19:127-127. 



 

75 

 

Hart, K. D. 1998. Foraging ecology and behavior of Atlantic bottlenose dolphins 

(Tursiops truncatus) in the Indian River Lagoon, Florida. 

Henningsen, T. and B. Wursig. 1992. Interactions between humans and dolphins in 

Galveston Bay, Texas. Pages 135-140 in R. a. O. O. S. J. J. Symoens ed. 

Symposium Whales: Biology – Threats – Conservation. 

Henningsen, T. and B. Würsig. 1991. Bottle-nosed dolphins in Galveston Bay, Texas: 

Numbers and activities. Pages 35-36 in P. G. H. Evans ed. Fifth Annual 

Conference of the European Cetacean Society. European Research on Cetaceans-

5. Sandefjord, Norway. 

Hill, K. 2004. Smithsonian Marine Station at Fort Pierce. Retrieved from 

irl_webmaster@ si. edu. 

Holt, S. A. and E. D. Ingall. 2000. Carbon and nitrogen sources supporting food webs of 

spotted seatrout (Cynoscion nebulosus) in Galveston Bay and the Laguna Madre 

Preliminary Observations. Texas Parks and Wildlife Department Coastal Fisheries 

Branch Management Data Series 172. 

Hubard, C. W. and S. L. Swartz. 2002. Gulf of Mexico Bottlenose Dolphin Stock 

Identification Workshop, 14-15 March 2000 Sarasota, Florida. 

International Whaling Commission. 1991. Report of the ad-hoc working group on the 

effect of biopsy sampling on individual cetaceans. Reports of the International 

Whaling Commission (Special Issue 13):23-27. 

Irwin, L. J. 2005. Marine Toxins: Adverse Health Effects and Biomonitoring with 

Resident Coastal Dolphins. Aquatic Mammals 31:195-225. 

Irwin, L. J. and B. Wursig. 2004. A Small Resident Community of Bottlenose Dolphins, 

Tursiops truncatus, in Texas: Monitoring Recommendations. Gulf of Mexico 

Science 22:13-21. 



 

76 

 

Kastelein, R. A., N. Vaughan, S. Walton and P. R. Wiepkema. 2002. Food intake and 

body measurements of Atlantic bottlenose dolphins (Tursiops truncatus) in 

captivity. Marine Environmental Research 53:199-218. 

Kiszka, J., M. Oremus, P. Richard, M. Poole and V. Ridoux. 2010a. The Use of Stable 

Isotope Analyses From Skin Biopsy Samples to Assess Trophic Relationships of 

Sympatric Delphinids off Moorea (French Polynesia). Journal of Experimental 

Marine Biology and Ecology 395:48-54. 

Kiszka, J., B. Simon-Bouhet, F. Charlier, C. Pusineri and V. Ridoux. 2010b. Individual 

and group behavioural reactions of small delphinids to remote biopsy sampling. 

Animal welfare:411-417. 

Kiszka, J., B. Simon-Bouhet, L. Martinez, C. Pusineri, P. Richard and V. Ridoux. 2011. 

Ecological niche segregation within a community of sympatric dolphins around a 

tropical island. Marine Ecology Progress Series:273-288. 

Knoff, A., A. Hohn and S. Macko. 2008. Ontogenetic diet changes in bottlenose dolphins 

(Tursiops truncatus) reflected through stable isotopes. Marine Mammal Science 

24:128-137. 

Krützen, M., L. M. Barré, L. M. Möller, M. R. Heithaus, C. Simms and W. B. Sherwin. 

2002. A Biopsy System for Small Cetaceans: Darting Success and Wound 

Healing in Tursiops spp. Marine Mammal Science 18:863-878. 

Kucklick, J., L. Schwacke, R. Wells, A. Hohn, A. Guichard, J. Yordy, L. Hansen, E. 

Zolman, R. Wilson, J. Litz, D. Nowacek, T. Rowles, R. Pugh, B. Balmer, C. 

Sinclair and P. Rosel. 2011. Bottlenose dolphins as indicators of persistent 

organic pollutants in the western North Atlantic Ocean and northern Gulf of 

Mexico. Environ Sci Technol 45:4270-4277. 



 

77 

 

Kurle, C. M. and G. A. Worthy. 2002. Stable nitrogen and carbon isotope ratios in 

multiple tissues of the northern fur seal Callorhinus ursinus: implications for 

dietary and migratory reconstructions. Marine Ecology Progress Series 236:289-

300. 

Leatherwood, S. 1975. Some Observations of Feeding Behavior of Bottle-Nosed 

Dolphins (Tursiops truncatus) in the Northern Gulf of Mexico and (Tursiops cf T. 

gilli) off Southern California, Baja California, and Nayarit, Mexico. Marine 

Fisheries Review 37:10-16. 

Lee, C. S. and B. Menu. 1981. Effects of salinity on egg development and hatching in 

grey mullet Mugil cephalus L. Journal of Fish Biology 19:179-188. 

Lester, L. J. and L. A. Gonzalez. 2011. The State of the Bay: A Characterization of the 

Galveston Bay Ecosystem, Third Edition. Pages 356  Texas Commission on 

Environmental Quality, Galveston Bay Estuary Program, Houston, Texas. 

Lewis, J. S. and W. W. Schroeder. 2003. Mud plume feeding, a unique foraging behavior 

of the bottlenose dolphin in the Florida Keys. Gulf of Mexico Science 21:9. 

Litz, J. A., L. P. Garrison, L. A. Fieber, A. Martinez, J. P. Contillo and J. R. Kucklick. 

2007. Fine-scale spatial variation of persistent organic pollutants in Bottlenose 

dolphins (Tursiops truncatus) in Biscayne Bay, Florida. Environ Sci Technol 

41:7222-7228. 

Lusseau, S. M. and S. R. Wing. 2006. Importance of local production versus pelagic 

subsidies in the diet of an isolated population of bottlenose dolphins Tursiops sp. 

Marine Ecology Progress Series 321:283-293. 

Lynn, S. K. and B. Würsig. 2002. Summer movement patterns of bottlenose dolphins in a 

Texas bay. Gulf of Mexico Science 20:3. 



 

78 

 

Mann, J. 1999. Behavioral sampling methods for cetaceans: a review and critique. Marine 

Mammal Science 15:102-122. 

Marais, J. 1978. Routine oxygen consumption of Mugil cephalus, Liza dumerili and L. 

richardsoni at different temperatures and salinities. Marine Biology 50:9-16. 

Marine Mammal Commission. 2015. Strategic Plan 2015-19.16pp. 

Martien, K. K., A. B. Sellas, P. E. Rosel, B. Taylor and R. S. Wells. A new approach to 

using genetic data to define management units for Gulf of Mexico bottlenose 

dolphins. 

Maze, K. S. and B. Wursig. 1999. Bottlenose Dolphins of San Luis Pass, Texas: 

Occurrence patterns, site-fidelity, and habitat use. Aquatic Mammals 25:91-103. 

McHugh, K. 2015. Human Interactions in Sarasota Bay. Nicks n Notches:6-7. 

Mead, J. G. 2020. cetacean. Encyclopedia Britannica. 

Melancon, R. a. S., L. Suzanne, T. Speakman, L. B. Hart, C. Sinclair, J. Adams, P. E. 

Rosel and L. Schwacke. 2011. Photo-Identification Field Laboratory Protocols 

Utilizing FinBase Version 2. D. O. Commerce, Lafayette, LA. 

Mintzer, V. J. and K. L. Fazioli. 2021. Salinity and Water Temperature as Predictors of 

Bottlenose Dolphin (Tursiops truncatus) Encounter Rates in Upper Galveston 

Bay, Texas. Frontiers in Marine Science 8. 

Moffett, A., L. Mceachron and J. Key. 1979. Observations on the biology of sand 

seatrout (Cynoscion arenarius) in Galveston and Trinity Bays, Texas. 

Möller, L. M., J. Wiszniewski, S. J. Allen and L. B. Beheregaray. 2007. Habitat type 

promotes rapid and extremely localised genetic differentiation in dolphins. Marine 

and Freshwater Research 58:640-648. 



 

79 

 

Monk, A., K. Charlton-Robb, S. Buddhadasa and R. M. Thompson. 2014. Comparison of 

mercury contamination in live and dead dolphins from a newly described species, 

Tursiops australis. PLoS ONE 9:e104887. 

Moreno, M. P. T. 2005. Environmental Predictiors of Bottlenose Dolphin Distribution 

and Core Feeding Densities in Galveston Bay, Texas. Doctor of Philosophy, 

Texas A&M University, Texas A&M University. 

Mullin, K., P. E. Rosel, A. Hohn and L. Garrison. 2007. Bottlenose Dolphin Stock 

Structure Research Plan for the Central Northern Gulf of Mexico. D. O. 

Commerce, Pascagoula, Mississippi. 

Murtagh, F. and P. Legendre. 2014. Ward’s hierarchical agglomerative clustering 

method: which algorithms implement Ward’s criterion? Journal of classification 

31:274-295. 

Newsome, S. D., M. T. Clementz and P. L. Koch. 2010. Using stable isotope 

biogeochemistry to study marine mammal ecology. Marine Mammal Science 

26:509-572. 

NOAA. 2014. Remote Biopsy Sampling Field Procedures for Bottlenose Dolphins. 

National Oceanic and Atmospheric Association. National Marine Fisheries 

Service. Southeast Fisheries Science Center. 

NOAA. 2019. Common Bottlenose Dolphin (Tursiops truncatus truncatus): 

Northern Gulf of Mexico Bay, Sound, and Estuary Stocks. 

NOAA. 2020. National Oceanic Atmospheric Administration. Active and Closed 

Unusual Mortality Events. 

Noren, D. P. and J. A. Mocklin. 2012. Review of cetacean biopsy techniques: Factors 

contributing to successful sample collection and physiological and behavioral 

impacts. Marine Mammal Science 28:154-199. 



 

80 

 

Norris, K. S. 1961. Observations on Pacific cetaceans of California and Mexican waters. 

University of California Publications in Zoology 63:291-402. 

Nowacek, D. 2002. Sequential foraging behaviour of bottlenose dolphins, Tursiops 

truncatus, in Sarasota Bay, FL. Behaviour 139:1125-1145. 

Nowacek, D. P. 1999. Sound use, sequential behavior and ecology of foraging bottlenose 

dolphins, Tursiops truncatus. Doctoral Dissertation, Massachusetts Institute of 

Technology. Woods Hole Oceanographic Institution. 

Nowacek, S. M., R. S. Wells and A. R. Solow. 2001. Short-Term Effects of Boat Traffic 

on Bottlenose Dolphins, Tursiops truncatus, in Sarasota Bay, Florida. Marine 

Mammal Science 17:673-688. 

Parnell, A. C., R. Inger, S. Bearhop and A. L. Jackson. 2010. Source partitioning using 

stable isotopes: coping with too much variation. PLoS ONE 5:e9672. 

Parsons, K. M., J. W. Durban and D. E. Claridge. 2003. Male-male aggression renders 

bottlenose dolphin (Tursiops truncatus) unconcious. Aquatic Mammals 29:360-

362. 

Payo-Payo, A., B. Ruiz, L. Cardona and A. Borrell. 2013. Effect of tissue decomposition 

on stable isotope signatures of striped dolphins Stenella coeruleoalba and 

loggerhead sea turtles Caretta caretta. Aquatic Biology 18:141-147. 

Peterson, B. J. and B. Fry. 1987. Stable Isotopes in Ecosystem Studies. Annual Review of 

Ecology and Systematics 18:293-320. 

Phillips, D. L. 2012. Converting isotope values to diet composition: the use of mixing 

models. Journal of Mammalogy 93:342-352. 

Phillips, D. L., R. Inger, S. Bearhop, A. L. Jackson, J. W. Moore, A. C. Parnell, B. X. 

Semmens and E. J. Ward. 2014. Best practices for use of stable isotope mixing 

models in food-web studies. Canadian Journal of Zoology 92:823-835. 



 

81 

 

Phillips, D. L., S. D. Newsome and J. W. Gregg. 2005. Combining sources in stable 

isotope mixing models: alternative methods. Oecologia 144:520-527. 

Piwetz, S. 2019. Common bottlenose dolphin (Tursiops truncatus) behavior in an active 

narrow seaport. PLoS ONE 14:e0211971. 

Plumlee, J. D. and R. J. D. Wells. 2016. Feeding ecology of three coastal shark species in 

the northwest Gulf of Mexico. Marine Ecology Progress Series 550:163-174. 

Port Houston. 2020. Project Overview. Houston Ship Channel Expansion. Project 11. 

Retrieved: March 1, 2020 from 

https://www.expandthehoustonshipchannel.com/project-overview/. 

Port Houston. 2021. Statistics. Retreived April 21, 2021 from 

https://porthouston.com/about-us/statistics/. 

Post, D. M. 2002. Using Stable Isotopes to Estimate Trophic Position: Models, Methods, 

and Assumptions. Ecology 83:703-718. 

Powell, J. R. and R. S. Wells. 2011. Recreational fishing depredation and associated 

behaviors involving common bottlenose dolphins (Tursiops truncatus) in Sarasota 

Bay, Florida. Marine Mammal Science 27:111-129. 

Pulich, W. M. and W. A. White. 1991. Decline of submerged vegetation in the Galveston 

Bay system: chronology and relationships to physical processes. Journal of 

Coastal Research:1125-1138. 

Quigg, A. and J. Steichen. 2015. Defining Bioindicators for Freshwater inflow Needs 

Studies. Texas A&M University Galveston, TX. 

R Core Team. 2021. R: A language and environment for statistical computing. R 

Foundation for Statistical Computing, Vienna, Austria. 

Ramsay, M. and K. Hobson. 1991. Polar bears make little use of terrestrial food webs: 

evidence from stable-carbon isotope analysis. Oecologia 86:598-600. 



 

82 

 

Ramsey, F. and D. Schafer. 2013. The statistical sleuth: a course in methods of data 

analysis. Cengage Learning. 

Reich, K. J. and G. A. Worthy. 2006. An isotopic assessment of the feeding habits of 

free-ranging manatees. Marine Ecology Progress Series 322:303-309. 

Reif, J. S. 2011. Animal sentinels for environmental and public health. 126:50-57. 

Rendell, L. and H. Whitehead. 2001. Culture in whales and dolphins. Behavioral and 

Brain Sciences 24:309-324. 

Roessler, M. and J. Zieman. 1970. The effects of thermal additions on the biota of 

southern Biscayne Bay, Florida. 

Ronje, E., H. Whitehead, K. Barry, S. Piwetz, J. Struve, V. Lecours, L. Garrison, R. S. 

Wells and K. D. Mullin. 2020. Abundance and occurrence of common bottlenose 

dolphins (Tursiops truncatus) in three estuaries of the northwestern Gulf of 

Mexico. Gulf and Caribbean Research 31:18-34. 

Ronje, E. I., K. P. Barry, C. Sinclair, M. A. Grace, N. Barros, J. Allen, B. Balmer, A. 

Panike, C. Toms and K. D. Mullin. 2017. A common bottlenose dolphin (Tursiops 

truncatus) prey handling technique for marine catfish (Ariidae) in the northern 

Gulf of Mexico. PLoS ONE 12:e0181179. 

Rosel, P. E., K. D. Mullin, L. Garrison, L. H. Schwacke, J. Adams, B. Balmer, P. Conn, 

M. J. Conroy, T. Eguchi, A. Gorgone, A. Hohn, M. Mazzoil, C. Schwarz, C. 

Sinclair, T. Speakman, K. Urian, N. Vollmer, P. Wade, R. Wells and E. Zolman. 

2011. Photo-Identification Capture-Mark-Recapture Techniques for Estimating 

Abundance of Bay, Sound, and Estuary Populations of Bottlenose Dolphins 

Along the U.S. East Coast and Gulf of Mexico: A Workshop Report. D. O. 

Commerce, Lafayette, LA. 



 

83 

 

Rossbach, K. A. and D. L. Herzing. 1997. Underwater Observations Of Benthic-Feeding 

Bottlenose Dolphins (Tursiops truncatus) Near Grand Bahama Island, Bahamas. 

Marine Mammal Science 13:498-504. 

Rossman, S., N. B. Barros, P. H. Ostrom, C. A. Stricker, A. A. Hohn, H. Gandhi and R. 

S. Wells. 2013. Retrospective analysis of bottlenose dolphin foraging: A legacy of 

anthropogenic ecosystem disturbance. Marine Mammal Science 29:14. 

Santos, M. B., G. J. Pierce, R. J. Reid, I. a. P. Patterson, H. M. Ross and E. Mente. 2001. 

Stomach contents of bottlenose dolphins (Tursiops truncatus) in Scottish waters. 

Journal of the Marine Biological Association of the United Kingdom 81:873-878. 

Sarasota Dolphin Research Program. 2006. Manual for Field Research and Laboratory 

Activities.60pp. 

Sargeant, B. L., J. Mann, P. Berggren and M. Krützen. 2005. Specialization and 

development of beach hunting, a rare foraging behavior, by wild bottlenose 

dolphins (Tursiops sp.). Canadian Journal of Zoology 83:1400-1410. 

Schwacke, L. H., T. A. Marques, L. Thomas, C. Booth, B. C. Balmer, A. Barratclough, 

K. Colegrove, S. De Guise, L. P. Garrison and F. M. Gomez. 2021. Modeling 

population impacts of the Deepwater Horizon oil spill on a long‐lived species 

with implications and recommendations for future environmental disasters. 

Conservation Biology. 

Schwacke, L. H., C. R. Smith, F. I. Townsend, R. S. Wells, L. B. Hart, B. C. Balmer, T. 

K. Collier, S. De Guise, M. M. Fry and L. J. Guillette Jr. 2014. Health of common 

bottlenose dolphins (Tursiops truncatus) in Barataria Bay, Louisiana, following 

the Deepwater Horizon oil spill. Environmental Science & Technology 48:93-

103. 



 

84 

 

SDRP. 2006. Manual for Field Research and Laboratory Activities. Chicago Zoological 

Society and Dolphin Biology Research Institute. 62pp pp. 

Sellas, A. B., R. S. Wells and P. E. Rosel. 2005. Mitochondrial and nuclear DNA 

analyses reveal fine scale geographic structure in bottlenose dolphins (Tursiops 

truncatus) in the Gulf of Mexico. Conservation Genetics 6:715-728. 

Shane, S. H. 1977. The population biology of the Atlantic bottlenose dolphin, Tursiops 

truncatus, in the Aransas Pass area of Texas. Masters, Texas A&M University,  

257 pp. 

Shane, S. H. 1990. Behavior and ecology of the bottlenose dolphin at Sanibel Island, 

Florida. in S. Leatherwood and R. R. Reeves, eds. The bottlenose dolphin. 

Academic Press, San Diego, CA. :245-265. 

Shane, S. H., R. S. Wells and B. Würsig. 1986. Ecology, behavior and social organization 

of the bottlenose dolphin: a review. Marine Mammal Science 2:34-63. 

Sheridan, P. F. 1983. Abundance and distribution of fishes in the Galveston Bay system, 

1963-1964. 

Simmons, E. G. and H. D. Hoese. 1959. Studies on the hydrography and fish migrations 

of Cedar Bayou, a natural tidal inlet on the central Texas coast. Publ. Inst. Mar. 

Sci 6:56-80. 

Smolker, R., A. Richards, R. Connor, J. Mann and P. Berggren. 1997. Sponge carrying 

by dolphins (Delphinidae, Tursiops sp.): a foraging specialization involving tool 

use? Ethology 103:454-465. 

Smultea, M. A. and B. Würsig. 1995. Behavioral Reactions of Bottlenose Dolphins to the 

Mega Borg oil spill, Gulf of Mexico 1990. Aquatic Mammals 21:171-181. 



 

85 

 

Spiller, K. W. 1982. The Daytime Fall Southern Flounder Recreational Fishery in Three 

Texas Passes. Texas Parks and Wildlife Department Coastal Fisheries Branch 

Management Data Series 46. 

Steichen, J. 2018. Defining Bioindicators for Freshwater Inflow Needs Studies Phase 2: 

Defining a Sound Ecological Environment for Galveston Bay. 

Steichen, J. and A. Quigg. 2018. Fish species as indicators of freshwater inflow within a 

subtropical estuary in the Gulf of Mexico. Ecological Indicators 85:180-189. 

Stock, B. C. and B. X. Semmens. 2016. MixSIAR GUI user manual, version 3.1. 

Accessible online at: https://github.com/brianstock/MixSIAR/. 

Sutter, F. C. and T. D. Mcilwain. 1987. Species Profiles: Life Histories and 

Environmental Requirements of Coastal Fishes and Invertebrates (Gulf of 

Mexico). Sand Seatrout and Silver Seatrout. The Service. 

Tezanos-Pinto, G. and C. Baker. 2012. Short-term reactions and long-term responses of 

bottlenose dolphins (Tursiops truncatus) to remote biopsy sampling. New Zealand 

Journal of Marine and Freshwater Research 46:13-29. 

The Texas General Land Office. 2021. Rollover Pass. 

Thomson, J. and G. Luther. 1990. Mugilidae. Check-list of the fishes of the eastern 

tropical Atlantic (CLOFETA). JNICT, Lisbon:855-859. 

Toms, C. N., T. Stone and T. Och. 2021. Skin lesion and mortality rate estimates for 

common bottlenose dolphin (Tursiops truncatus) in the Florida Panhandle 

following a historic flood. PLoS ONE 16:e0257526. 

Torres, L. G., A. J. Read and P. Halpin. 2008. Fine-scale habitat modeling of a top 

marine predator: Do prey data improve predictive capacity? Ecological 

Applications 18:1702-1717. 

TPWD. 2002a. Texas Parks and Wildlife Department. The Texas Shrimp Fishery. 



 

86 

 

TPWD. 2002b. Texas Parks and Wildlife. The Texas Shrimp Fishery. Executive 

Summary. A report to the Governor and the 77th Legislature of Texas. 

TPWD. 2014. Texas Parks and Wildlife Department. 2014-2015 Texas Commercial 

Fishing Guide. .30-34. 

TPWD. 2015a. Striped Mullet (Mugil cephalus). 

TPWD. 2015b. Texas Parks and Wildlife Department. Texas Commercial Fishing Guide 

2015-2016.27-35. 

TPWD. 2016. Texas Parks and Wildlife Department. Texas Commercial Fishing Guide 

Effective September 1, 2016 Through August 31, 2017.27-35. 

Trent, W., E. Pullen and D. Moore. 1968. Ecology of western Gulf estuaries. 

TWDB. 2020. Texas Water Development Board. Station ID: LBYT2. 

Urian, K., A. Gorgone, A. Read, B. Balmer, R. S. Wells, P. Berggren, J. Durban, T. 

Eguchi, W. Rayment and P. S. Hammond. 2014. Recommendations for photo-

identification methods used in capture-recapture models with cetaceans. Marine 

Mammal Science. 

Urian, K., A. Gorgone, A. Read, B. Balmer, R. S. Wells, P. Berggren, J. Durban, T. 

Eguchi, W. Rayment and P. S. Hammond. 2015. Recommendations for photo-

identification methods used in capture-recapture models with cetaceans. Marine 

Mammal Science 31:298-321. 

Urian, K. W. and R. S. Wells. 1996. Bottlenose Dolphin Photo-Identification Workshop. 

D. O. Commerce, Charleston, South Carolina. 

USEPA Office of Water and Office of Research and Development. 2015. National 

Coastal Condition Assessment 2010 (EPA 841-R-15-006). 113 pp. 



 

87 

 

Vollmer, N. L. and P. E. Rosel. 2013. A Review of Common Bottlenose Dolphins 

(Tursiops truncatus truncatus) in the Northern Gulf of Mexico: Population 

Biology, Potential Threats, and Management. Southeastern naturalist 12:1-43, 43. 

Walker, J. L., C. W. Potter and S. A. Macko. 1999. The diets of modern and historic 

bottlenose dolphin populations reflected through stable isotopes. Marine Mammal 

Science 15:335-350. 

Wallace, J. H. 1975. The estuarine fishes of the east coast of South Africa. III. 

Reproduction. Invest Rep Oceanogr Res Inst 41:1–51. 

Warren, J. R. and F. C. Sutter. 1982. Industrial bottomfish-monitoring and assessment. 

Gulf Coast Res. Lab., Proj. No. 2-296-R. 43-69 pp. 

Weller, D. W., V. G. Cockcroft, B. Würsig, S. K. Lynn and D. Fertl. 1997. Behavioral 

responses of bottlenose dolphins to remote biopsy sampling and observations of 

surgical biopsy wound healing. Aquatic Mammals 23:49-58. 

Wells, R., K. McHugh, D. Douglas, S. Shippee, E. Berens Mccabe, N. Barros and G. 

Phillips. 2013. Evaluation of Potential Protective Factors Against Metabolic 

Syndrome in Bottlenose Dolphins: Feeding and Activity Patterns of Dolphins in 

Sarasota Bay, Florida. Frontiers in Endocrinology 4. 

Wells, R. S., M. D. Scott and A. B. Irvine. 1987. The social structure of free-ranging 

bottlenose dolphins. Pages 247-305  Current mammalogy. Springer. 

Wenzel, F., J. Nicolas, F. Larsen and R. M. Pace, III. 2010. Northeast Fisheries Science 

Center Ceracean Biopsy Training Manual. Northeast Fisheries Science Center 

Reference Document 10-11. 

Whitehead, H., L. Rendell, R. W. Osborne and B. Würsig. 2004. Culture and 

conservation of non-humans with reference to whales and dolphins: review and 

new directions. Biological Conservation 120:427-437. 



 

88 

 

Whitfield, A., W. Ak and B. Sjm. 1978. Distribution, movements and fecundity of 

Mugilidae at Lake St Lucia. 

Whitfield, A. K., J. Panfili and J. D. Durand. 2012. A global review of the cosmopolitan 

flathead mullet Mugil cephalus Linnaeus 1758 (Teleostei: Mugilidae), with 

emphasis on the biology, genetics, ecology and fisheries aspects of this apparent 

species complex. Reviews in Fish Biology and Fisheries 22:641-681. 

Wilber, D. H. and D. G. Clarke. 1998. Estimating secondary production and benthic 

consumption in monitoring studies: a case study of the impacts of dredged 

material disposal in Galveston Bay, Texas. Estuaries 21:230-245. 

Wilber, D. H. and D. G. Clarke. 2001. Biological effects of suspended sediments: a 

review of suspended sediment impacts on fish and shellfish with relation to 

dredging activities in estuaries. North American Journal of Fisheries Management 

21:855-875. 

Wilson, R. M., J. P. Chanton, B. C. Balmer and D. P. Nowacek. 2013a. An evaluation of 

lipid extraction techniques for interpretation of carbon and nitrogen isotope values 

in bottlenose dolphin (Tursiops truncatus) skin tissue. 30:85-103. 

Wilson, R. M., J. A. Nelson, B. C. Balmer, D. P. Nowacek and J. P. Chanton. 2013b. 

Stable isotope variation in the northern Gulf of Mexico constrains bottlenose 

dolphin (Tursiops truncatus) foraging ranges. Marine Biology 160:2967-2980. 

Wilson, R. M., R. B. Tyson, J. A. Nelson, B. C. Balmer, J. P. Chanton and D. P. 

Nowacek. 2017. Niche Differentiation and Prey Selectivity among Common 

Bottlenose Dolphins (Tursiops truncatus) Sighted in St. George Sound, Gulf of 

Mexico. 4. 



 

89 

 

Worthy, G. A. and T. A. Worthy. 2011. Seasonal Variability in the Trophic Ecology of 

Potential Prey of Bottlenose Dolphins in the Indian River Lagoon, FL. Journal. 

100 pp. 

Worthy, G. a. J. and N. Browning. 2011. Trophic Ecology of Bottlenose Dolphins in the 

Indian River Lagoon, FL. Harbor Branch Oceanographic Institute. pp. 

Wursig, B. and S. K. Lynn. 1996. Movements, Site fidelity, and Respiration Patterns of 

Bottlenose Dolphins on the Central Texas Coast. D. O. Commerce, Miami, FL. 

Wursig, B. and M. Wursig. 1977. The Photographic Determination of Group Size, 

Composition, and Stability of Coastal Porpoises (Tursiops truncatus). Science 

198:755-756. 

Yamamuro, M., K. Aketa and S. Uchida. 2004. Carbon and nitrogen stable isotope ratios 

of the tissues and gut contents of a dugong from the temperate coast of Japan. 

Mammal Study 29:179-183. 

Yåñez-Arancibia, A., A. L. Lara-Dominguez, J. L. Rojas-Galaviz, P. Sånchez-Gil, J. W. 

Day Jr and C. J. Madden. 1988. Seasonal biomass and diversity of estuarine fishes 

coupled with tropical habitat heterogeneity (southern Gulf of Mexico). Journal of 

Fish Biology 33:191-200. 



 

90 

 

APPENDIX A:  

UNIVERSITY OF HOUSTON-CLEAR LAKE INSTITUTIONAL ANIMAL CARE 

AND USE PROTOCOL #F14.005 

v.110323  Protocol # F14.005 

 

Federal animal welfare regulations require that the Institutional Animal Care and Use 

Committee (IACUC) must review and approve all activities involving the use of 

vertebrate animals prior to initiation of such use. Once approved by the IACUC, any 

change(s) to the following protocol must be submitted in a written amendment for review 

and approval of the IACUC prior to implementation of the change(s). 

 

1. Title of Project 

“Ecology and Conservation of the Common Bottlenose Dolphin (Tursiops truncatus) in 

the Bay, Sound, Estuary and Near-shore Coastal Waters of Texas” 

2. Principal Investigator: 

Name: George Guillen 

Title: Associate 

Professor 

Program: Environmental Science 

Phone: 
 

Emergency Phone: 
 

Email: 
 

Campus Mail: EIH 
 

Secondary Contact Person involved in the study: 

Name: Sherah Loe 

Email: 
 

Emergency 

Phone: 

 

 

3. Project Type 

 New Protocol  Renewal       Addendum    Previous Protocol #       

If renewal:  Annual Renewal   Protocol Renewal see 

Appendix E 

If addendum:  Personnel Change   Minor Revision  Major Revision 

 see Appendix E 

Number of years project is expecting to 

continue: 

 1 year   2 years  3 

years 

This protocol is for:  Teaching   Research   

Breeding 

If teaching: 

 Course name and number:       

 Frequency course is offered:       

If research: 
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 How will this project be 

funded: 

Grant 

 If grant, this project is:  Pending   Funded – Federal    Funded – 

Other 

 Grant title and/or contract number (if 

available): 

      

 Has this project already received an independent scientific peer-

review? 

 Yes  

  No 

 If yes, by whom? Intrastate panel of dolphin experts 
 

4. Location 

Where will animals be housed?  UHCL Animal Research Facility    

Field Study 

  

Other:* 

      

Where will animal use take 

place? 

Galveston Bay 

Will animals be kept for over 12 hours outside of housing 

area? 

 Yes*    No 

 If yes, give location and 

reason: 

      

*A standard operating procedure (SOP) to ensure proper welfare and housing of animals 

must be attached to this protocol in Appendix F. This does not apply to animals housed at 

other AAALAC accredited animal facilities (e.g., UH or NASA). 
 

5. Lay Summary: 

Describe the goals and intended benefits of the project in terms that can be understood by 

a non-scientist. Include the species and the number of animals to be used. This 

description should be no more than 250 words. Avoid the use of technical jargon and 

abbreviations. 

 

The proposed research aims to establish a long-term monitoring program that will 

provide population distribution and abundance estimates, identify natural and human-

generated risks and establish baseline health and life history parameters for Texas bay, 

sound, estuary and near-coastal bottlenose dolphins (Tursiops truncatus). The most recent 

abundance estimates for dolphins in this region (with the exception of the West Bay 

stock) come from aerial surveys performed in 1992. The numbers are outdated, and this 

method is now generally considered unreliable for bay, sound, and estuary dolphin 

stocks, leaving current estimates “Unknown”. Without updated and ongoing data, it is 

impossible to meet the objectives of the Marine Mammal Protection Act with regards to 

maintaining an optimum sustainable population size or to take steps to replenish a stock 

should it fall below the optimum sustainable population. Data will be published and 

presented in a variety of scientific and popular venues to disseminate results and aid in 

management decisions. In the event of an environmental disturbance, such as an oil spill, 
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the underlying logistical structure and availability of baseline data will improve response 

efforts and allow us to characterize effects on Texas populations. Our methods include 

boat based field surveys, photographic identification, behavioral observation and remote 

biopsy darting (up to 100 dolphins/year subjected to biopsy sampling protocol). This 

research will not involve the capture or captive use of any species and will be conducted 

under a Federal permit for scientific research issued by the Marine Mammal Commission 

under the Marine Mammal Protection Act. 

 

 

6. Animal Use: 

Provide the specifications for all of the animals requested for use in this protocol. List 

each strain separately. 

 

Species 

(common 

name) 

 

Breed/Strain 

 

Vender/Source 

Number Requested 

Year 1 Year 2 Year 3 Total 

                                          
 

 Not Applicable (this is a population field study of common bottlenose dolphins 

Tursiops truncatus) 

If a population field study, check all vertebrate animals that are planned to be studied: 

 Fish  Amphibians  Reptiles  Birds  Mammals /  

Cetaceans 

 

 

7. Personnel:   

List all personnel having contact with animals, the species proposed and the years of 

experience the individual has with the species. List the specific roles the individual will 

have in the project and the date of last training received.  

Name, Degree, 

Title 

Species and Years 

of Experience 

Specific Role in Project* Training Date 

George Guillen 2 yrs Tursiops 

truncatus – 

stranding networks 

Principal Investigator 9/29/2014 

Kristi Fazioli 25 yrs experience 

Tursiops truncatus 

and other cetacean 

species; 

Management and 

supervision of protocol 

development, field 

surveys and data 

collection 

9/29/2014 

Also: in 2000 – 

Training for 

remote biopsy 

darting; will 

refresh training 

before 

commencing 

current project 
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Sherah Loe 1 year Develop, lead and 

participate in field 

surveys and data 

collection 

9/29/2014 

* Examples include: supervision, care/handling, anesthesia, surgery, monitoring, post-

procedural care, euthanasia in the stated species 

 Student visitors will/may participate in this protocol and will be supervised by: Kristi 

Fazioli (students/visitors will participate in photographic identification and behavioral 

observation protocols only, and may observe, but not participate in remote biopsy 

darting) 

 

 

8a. Literature Search 

Using at least two different databases, perform literature searches to determine 

alternatives to procedures that may cause more than a momentary or slight pain or 

distress to the animals, and unnecessary duplication of research. 

Search 

Database 

(e.g., 

Agricola) 

Date of Search 

MM/DD/YYYY 

Years Covered 

(e.g., 1980 – 

2010) 

Keywords or Search 

Strategy  

Used in Search 

Google 

Scholar 

09/08/2014 Any time alternatives to remote 

biopsy darting Tursiops 

truncatus 

Animal 

Welfare 

Information 

Center 

09/08/2014 Any time remote biopsy darting 

Tursiops truncatus 

 

8b. Rationale and purpose of animal use 

State the overall rationale, purpose, and significance of this project. 

 

The proposed research intends to provide critically needed baseline data to characterize 

residency patterns, habitat use and population abundance trends for Texas dolphin 

populations by utilizing boat-based photo-identification surveys and tissue sampling 

through remote biopsy darting. Collection of baseline data is a crucial first step in 

assessing potential risks and evaluating the health of these strategic dolphin stocks. 

Delineation of biologically significant boundaries between dolphin communities and the 

dynamics of how they interact with each other is crucial to understanding the population 

as a whole. Tracking individuals using photo-identification surveys and analyzing genetic 

markers (Martien et al. , Sellas et al. 2005, Möller et al. 2007), stable isotope signatures 

(Barros et al. 2010, Wilson et al. 2013b, Browning et al. 2014b), and anthropogenic 

compounds (Hansen et al. 2004, Litz et al. 2007, Balmer et al. 2011) through remote 

biopsy samples will provide data for designating socially and biologically distinct 

population units, as opposed to current geographically defined management units.  
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Integrating data in this way from various lines of evidence will increase confidence in 

stock delineation over any single method (Mullin et al. 2007, Balmer et al. 2013, Vollmer 

& Rosel 2013).  Managers can use this data for informed decisions regarding stock 

delineation and management of population units as functional elements of the ecosystem. 

 

 

8c. Justification for animal use. 

Explain why non-animal models such as isolated organ preparation, cell or tissue culture, 

or computer simulation cannot be used. 

 

Direct study of the population is the only way to gather the data necessary for 

conservation management of the species. 

 

8d. Justification for using this particular species. 

Explain why the species and/or strain(s) requested is/are the most appropriate for this 

research. Statements that the planned species is traditionally used for the proposed 

research are not sufficient. 

 

Large data gaps exist within Texas for managing this protected species. 

 

8e. Alternatives to Potentially Distressful Procedures 

Describe considerations of alternatives to procedures that may cause more than a 

momentary or slight pain or distress to the animals, and determination that alternatives 

were not available. 

 Not Applicable (animals listed are only in USDA Category B or C) 

 

The only alternative to collecting tissue samples for analysis of diet and contaminant 

loads in live, free-ranging cetaceans is through capture. This alternative is considerably 

more stressful and dangerous to the animal than the low-level startle response typically 

incurred during remote biopsy darting. While some studies utilize samples collected from 

stranded/dead animals, these samples have limitations due to tissue decay and lack of 

associated data from tracking of the individual’s distribution through field survey and 

photo-identification. 

 

8f. Assurance of Non-Duplication 

 This experiment does not unnecessarily duplicate previous experiments. 

Otherwise, provide justification of the necessity of experiments proposed. 

      

 

 

9.  Justification of animal numbers. 

Provide a detailed justification for the numbers of animals requested. Include number of 

animals per group and total number of animals. If power analysis was utilized, give 
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appropriate details. If the determination was based on prior experience, please cite 

reference. If a population study in the field give justification of sampling method.  

 

For population field study, all dolphins sighted during boat surveys will be approached to 

within 6-20 m for photographic identification collection of behavioral and environmental 

data. This method is widely used in marine mammal population research and all 

personnel are trained to approach dolphins using protocol established to minimize 

disturbance. We will use well-established, standard boat-based photo-identification 

techniques, with protocols outlined in the Sarasota Dolphin Research Program manual for 

field research and laboratory activities (SDRP 2006), (Rosel et al. 2011) Photo-

identification Workshop Report, and Urian et al. (2014) Recommendations for Photo-

identification Methods. 

 

For determination of biopsy sample sizes, we examined similar studies that analyzed 

bottlenose dolphin tissue for fine-scale population structure and contaminant loads 

utilizing samples from a variety of sources (remote biopsy, live capture and stranded 

animals). Sample sizes in these studies range from 18 – 300 depending on the extent of 

the area being studied and the type of analysis being performed (Litz et al. 2007, Kiszka 

et al. 2010a, Balmer et al. 2011, Kiszka et al. 2011, Kucklick et al. 2011, Wilson et al. 

2013b).  For example, Kucklick et al. (2011) examined persistent organic pollutants 

(POPs) at 14 Atlantic and U.S. GoM locations, with sample sizes ranging from 3 to 55 

for each location; Balmer et al. (2011) examined 102 samples for POPs from two field 

sites along the Georgia coast; Litz analyzed 34 samples of individuals with photographic 

sighting histories within a Florida bay; and Kiszka et al. examined stable isotope 

signatures in two ecological niche focused studies with sample sizes of 91 and 105 

(Kiszka et al. 2010a, Kiszka et al. 2011).  Analysis of POPs for stock structure requires 

the use of only samples from males, resulting in additional effort since males and females 

cannot be distinguished in the field. Missed shots and non-viable or lost samples are 

included in our count and we are estimating an 80-90% success rate for our sampling 

attempts (based on Noren and Mocklin (2012).  Our goal is to sample up to 100 dolphins 

per year by remote biopsy, based on both consideration of statistically viable sample sizes 

and logistical constraints of annual effort.  

 

 

 

10.  Pain, Discomfort, and Distress. 

a. USDA Pain/Distress Classification 

Check the category that indicates the highest level of pain/distress the animals will 

experience during the course of these studies. (Refer to the Instructions, Section 10 for 

help.) 

 Category B   Category C   Category D   Category E 
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b.  If Category E is selected, provide scientific justification why pain and/or distress 

could not be relieved. State methods or means used to determine that pain and/or distress 

relief would interfere with test results. 

 

Samples are collected remotely from free-swimming dolphins. A small (10 mm wide x 25 

mm deep) blubber and skin sample will be retrieved using a dart shot from a crossbow 

and animals will not be captured, restrained or handled in any way. Therefore, it is not 

possible to administer pain reliever or anesthetic at the biopsy location. Remote biopsy 

sampling of free-swimming dolphins has minimal risk of injury and typically elicits mild, 

short-term, startle responses (Weller et al. 1997, Krützen et al. 2002, Sellas et al. 2005, 

Gorgone et al. 2008, Kiszka et al. 2010b, Noren & Mocklin 2012, Tezanos-Pinto & 

Baker 2012). 

 

 

11.  What will happen with animals at the end of their roles in the project?  

a. Check all that apply and provide explanation if necessary. 

 Placed for adoption 

 Released into wild (field study) 

 Euthanasia:  

Rodents:   
 CO2- followed by secondary method (e.g., bilateral thoracotomy, cervical dislocation)   

  State secondary method:       

  Injectable agent (Specify Agent, Route, Dose):        

  Inhalant agent (Specify Agent, Dose):        

  Cervical Dislocation (rodents < 200 gm) w/ anesthesia- (Specify Agent, Route, Dose):                             

  Decapitation/Guillotine w/ anesthesia- (Specify Agent, Route, Dose):         

  Exsanguination w/ anesthesia (Specify Agent, Route, Dose):                   

  Anesthetic + Perfusion (Specify Agent, Route, Dose):           

  Type of perfusion:       

Amphibians, Fish, Reptiles: 
 CO2 

  Injectable agent (Specify Agent, Route, Dose):        

  External or topical agent (Specify Agent, Route, Dose):        

  Inhalant agent (Specify Agent, Dose):        

  Decapitation and pithing 

  Stunning and decapitation/pithing   

  

 Other:  Animals will not be captured (field study) 

 

b. Explanation / Justification 

 

Dolphins will not captured, restrained or handled in any way.  Individuals sampled using 

remote biopsy darting will be identified using photographic identification techniques and 

healing of the biopsy wound will photographed and tracked as possible whenever that 

individual is sighted during monitoring surveys. 

 



 

97 

 

 

12.  Additional Forms Attached 

Check all that apply and attach appropriate forms. If a form is not needed, delete the page 

from the protocol. 

 Appendix A: Laboratory Research or Classroom 

 Appendix B: Surgical Procedures 

 Appendix C: Wild Animal and/or Field Research 

 Appendix D: Safety 

 Appendix E: Renewal / Addendum 

 Appendix F: Additional Information / Standard Operating Procedures 

 

 

13. Check the following: 

  I certify that the use of all animals involved in this project will be carried out within 

the provisions of the Animal Welfare Act, the Guide for Care and Use of Laboratory 

Animals, the PHS Policy on Humane Care and Use of Animals, the University of 

Houston Policy on Care and Use of Animals and related animal welfare rules and 

regulations as issued by state and/or federal agencies. 

  I am aware that the Institutional Animal Care and Use Committee (IACUC) may 

make periodic inspections of all labs in which animals are used. I will permit 

unannounced inspections and observations of my animals and surgical techniques by a 

UH veterinarian or other representative of the IACUC.  

  I am aware that the IACUC is empowered to stop any objectionable procedure or 

project. Where procedures have caused severe distress to an animal which cannot be 

alleviated, UH staff veterinarians are authorized to humanely euthanize that animal. I 

understand that every attempt will be made to contact me before any action is taken. 

  I understand that I cannot start this project until I have received approval from the 

IACUC. 

  I understand that I will make written notification to the IACUC of any proposed 

changes to the project. I understand that I will not be able to implement such changes 

until approval is received from the IACUC. 

  I certify that the above statements are true and that I will make written notification to 

the IACUC of any changes in the proposed project prior to proceeding with any animal 

experiment. 

 

George Guillen 

______________________________________    

 9/26/14 

Signature of Principal Investigator or Instructor      Date 

 Submitted Electronically: Instead of signature, protocol is emailed from the PI’s 

UHCL email address 

 



 

98 

 

 

Appendix C: Wild Animal and/or Field Research 

 

1.  How will the animals be captured? 

N/A – No animals will be captured or restrained for this research 

 

2.  Will animals be maintained for any length of time, where they will be maintained 

(field and/or animal facility), and for how long? 

N/A 

 

3.  Will animals be transported, and if so, how will stress be minimized?  

N/A 

 

4.  How will the housing and nutritional needs of animals that are captured and detained 

for a research project be met? 

N/A 

 

5.  What criteria will be used in determining whether the animals can be released after 

they have been captured (even if the animals are part of a capture and release project, and 

they will not be maintained for any length of time)? 

N/A 

 

6.  How will pain and/or distress be monitored in these animals? 

 

Individuals sampled using remote biopsy darting will be identified using photographic 

identification techniques and behavioral reactions will be recorded during and 

immediately following a biopsy shot. Healing of the biopsy wound will photographed 

and tracked as possible whenever that individual is sighted during future monitoring 

surveys. 
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Appendix F: Additional Information / Standard Operating Procedures 

Use this page to add any additional information the committee may need for 

evaluation of this protocol. This can include standard operating procedures (SOP’s) 

utilized. 

 

Photo-Identification and behavioral observations – We will use well-established, 

standard boat-based photo-identification techniques, with protocols outlined in the 

Sarasota Dolphin Research Program manual for field research and laboratory activities 

(SDRP 2006), (Rosel et al. 2011) Photo-identification Workshop Report, and Urian et al. 

(2014) Recommendations for Photo-identification Methods.  A variety of small outboard 

survey vessels will be used, with several vessels potentially surveying simultaneously in 

different regions due to the large overall study area. Vessels will cruise at standard slow 

planing speed (typically 18.5-32 km/hr) along a meandering route or line transect until 

dolphins are encountered. The vessel will typically approach the dolphins to within 6-20 

m for photographs (dolphins may approach the boat more closely on their own). During 

an encounter, typically lasting 15-30 min (this will vary depending on group size and 

activity), the boat will slowly parallel the group, dolphin dorsal fins will be photographed 

with digital cameras with zoom-telephoto lenses, group number and composition will be 

estimated, activities, headings, and environmental conditions will be recorded, the 

location will be recorded by a GPS, and the occurrence of anthropogenic interactions will 

be recorded (Henningsen & Wursig 1992, Powell & Wells 2011).  The vessel will then 

continue along the survey route until the next group of dolphins is encountered, and the 

process will be repeated. 

 

In some cases, the photo-identification survey will be followed by sessions of focal-

individual or -group follows involving behavioral sampling methods (Altmann 1974, 

Mann 1999).  During focal follows, a selected individual or group of individuals will be 

observed from a distance sufficiently close to ensure reliable determination of behavioral 

state, but sufficiently far to minimize behavioral effects from the boat presence. Behavior 

will be systematically recorded over periods of 30 min to two hours, depending on the 

project.  

 

In the laboratory, photo-analysis will include grading of photos for quality and 

distinctiveness of fins, matching of fins to previously identified dolphins and cataloging 

of individuals. Separate institutions will maintain their own catalogs, following 

standardized photo-analysis protocols, and will cross-match against other catalogs.  

Sighting and environmental data will be archived with the photographs using the FinBase 

Photo-Identification Database and Mapping Tool, allowing efficient submission to 

GoMDIS for collaboration throughout the Gulf Coast (Cush & Wells 2013). 

 

 

Remote Biopsy Sampling – Biopsy darting is accepted as a safe technique for cetacean 

research, with minimal short-term behavioral reaction and minor injury to the animals 
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(Weller et al. 1997, Krützen et al. 2002, Noren & Mocklin 2012, Tezanos-Pinto & Baker 

2012).  Sampling will be conducted following standardized protocols developed by 

NOAA and the Chicago Zoological Society/SDRP (Krützen et al. 2002, Sellas et al. 

2005, Wenzel et al. 2010). Biopsy samples will include skin and blubber from below the 

dorsal fin, collected using biopsy darts discharged from a crossbow (Barnett Panzer V or 

equivalent). Biopsy cutter heads measuring 10 mm wide x 25 mm deep are specially 

designed to penetrate only through the depth of the blubber, using a sterilized stainless-

steel tip (developed by Dr. Finn Larson). Samples will be processed as needed for each 

particular project and in accordance with protocols established by NOAA and the 

National Institute of Standards and Technology (NIST). Typically, the sample will be 

divided into epidermis and blubber portions (using sterile forceps). Skin is further 

sectioned, and portions placed in labeled 20% DMSO/saturated NaCl vials for gender, 

genomic DNA and stable isotope analysis. The blubber for organic contaminant analysis 

is placed in a Teflon vial container with a cryogenic label, wrapped in foil and placed in a 

liquid nitrogen dry shipper while on the sampling vessel and then stored in the lab in a -

80° C freezer prior to shipping (overnight in dry ice) or analysis. 

 

During a biopsy survey, dolphin groups will be approached in a similar manner as during 

photo-identification and suitability for sample collection will be determined. Dolphin 

groups will be eliminated as sampling candidates if one or more neonates are in the group 

(identified by body length less than 50% of the mothers, presence of fetal folds, head-out 

surfacing, and surfacing in echelon position (Urian & Wells 1996), dolphins display 

evasive behavior (such as those defined by NOAA of  “prolonged diving, underwater 

exhalation, underwater course changes, or rapid swimming at the surface”), or the group 

consists primarily of previously sampled dolphins.  To limit disturbance of animals, no 

more than two biopsy samples will be collected per group of dolphins observed. Animals 

will be photographed during biopsy to ensure the integrity of photo-identification records 

for each animal and to avoid resampling. The sampler will shoot when the target animal 

is perpendicular to the dart impact at a typical distance of 5-10 m and not less than 4 m, 

aiming at the flank of the dolphin below the dorsal fin and above the lateral midline.  

 

Personnel conducting biopsy surveys will be fully trained and accompanied by 

experienced personnel working under a National Marine Fisheries Service Scientific 

Research Permit and institutionally approved IACUC protocols prior to conducting any 

sample collection activity.  

 

Anticipated Effects on Animals 

Photo-identification and behavioral follows- Boat-based research surveys and 

follows are used successfully with cetaceans world-wide with little to no adverse 

effects. Short-term behavioral responses consistent with disturbance may include 
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avoidance of the research vessel and a change in group cohesiveness and activity 

(Nowacek et al. 2001, Christiansen et al. 2010). 

Remote Biopsy Sampling- Remote biopsy sampling of free-swimming dolphins 

has minimal risk of injury and typically elicits mild, short-term, startle responses 

(Weller et al. 1997, Krützen et al. 2002, Sellas et al. 2005, Gorgone et al. 2008, 

Kiszka et al. 2010b, Noren & Mocklin 2012, Tezanos-Pinto & Baker 2012).  Only 

one instance of dolphin mortality has been published due to biopsy sampling 

(Bearzi 2000), and was considered an anomalous event.  Wounds are expected to 

heal quickly and without complications (Weller et al. 1997, Krützen et al. 2002). 

Measures to Minimize Negative Effects 

Photo-identification and behavioral follows- During boat-based surveys and 

follows, boat operators will consist only of personnel trained and experienced 

with maneuvering a vessel around dolphins in a manner that will reduce 

disturbance. To minimize harassment, dolphins will be approached based on 

NOAA’s responsible viewing guidelines, and dolphins exhibiting behaviors 

consistent with annoyance or irritation (such as evasive behavior or continued 

chuffing and tail slapping) will be approached no more than three times before 

terminating the attempt. During photo-identification, sub-group survey efforts will 

not exceed 30 minutes. While conducting behavioral follows, the vessel will stay 

as far from the group as possible while still allowing observation and 

identification of the focal individual or group. 

Remote Biopsy Sampling- Standard biopsy safety protocols will be strictly 

adhered to during any biopsy survey and only samplers who have demonstrated 

proficiency and completed training and apprenticeship under experienced 

samplers will perform sampling duties. Additional safety measures designed to 
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reduce injury include: 1) Only taking shots within a safe range of > 4 m, 

perpendicular to the target animal surfacing in a predictable manner; 2) Never 

attempting to sample a group with a neonate present and never targeting a dolphin 

calf that is known or estimated to be < 2 years of age (< 75% of the presumed 

mother’s body length (Urian & Wells 1996) or target an adult in close association 

with a calf of any age; 3) All dart cutting heads will be sterilized before use and 

have a stopper to prevent deep penetration of the blubber layer; and 4) Never 

attempting to sample an individual that appears ill or emaciated. 

To minimize the impact of multiple biopsy events, no individual dolphin will be 

sampled more than once in a year and no more than twice total. This will allow us 

to re-sample an individual if needed for comparison after an environmental 

disturbance. Photo-identification will be performed for each sampled animal and 

experienced crew members will make their best efforts to identify all targeted 

animals before making a biopsy attempt. No more than two dolphins per group 

will be sampled during any sampling event, with typically no more than three 

attempts made per group.  

  



 

103 

 

APPENDIX B: 

NATIONAL MARINE FISHERIES PERMIT #18881 



 

104 

 



 

105 

 



 

106 

 



 

107 

 



 

108 

 



 

109 

 



 

110 

 



 

111 

 



 

112 

 



 

113 

 



 

114 

 



 

115 

 

 



 

116 

 



 

117 

 

 

  



 

118 

 

APPENDIX C:  

UNIVERSITY OF HOUSTON-CLEAR LAKE INSTITUTIONAL ANIMAL CARE 

AND USE PROTOCOL #11.001.R1 
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APPENDIX D: ENVIRONMENTAL PARAMETERS BIOPSY SURVEYS 

 

Year Parameter n Min. Max. Mean Med. Std. Dev. 

2015 

Air Temp. (°C) 18 19.30 32.20 26.20 26.75 3.68 

Water Temp. (°C) 44 24.23 32.05 28.73 29.52 2.04 

Salinity (psu) 44 13.59 18.71 16.43 16.84 1.54 

pH 2 7.72 7.86 7.79 7.79 0.10 

DO (%) 28 65.80 280.80 118.47 110.65 42.73 

DO (mg/L) 28 4.63 18.15 8.35 7.99 2.76 

Secchi 20 0.22 0.52 0.38 0.39 0.08 

2016 

Air Temp. (°C) 39 8.60 34.40 28.09 29.40 5.50 

Water Temp. (°C) 93 10.40 33.14 28.19 30.20 6.13 

Salinity (psu) 39 1.03 30.75 12.01 10.52 8.05 

pH 35 7.71 8.56 8.18 8.17 0.23 

DO (%) 36 55.00 133.60 100.29 104.10 19.56 

DO (mg/L) 36 3.76 12.09 7.67 7.60 2.13 

Secchi 34 0.10 0.58 0.33 0.35 0.12 

2017 

Air Temp. (°C) 11 28.60 33.20 30.75 31.10 1.53 

Water Temp. (°C) 25 2.00 32.63 30.17 31.12 5.89 

Salinity (psu) 25 0.00 32.86 19.42 16.42 7.93 

pH 12 7.59 8.22 8.03 8.12 0.21 

DO (%) 12 56.10 131.10 95.89 97.35 20.94 

DO (mg/L) 12 3.82 8.66 6.35 6.12 1.37 

Secchi 8 0.31 0.47 0.38 0.38 0.05 
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APPENDIX E: FISH LOCATION, WEIGHT, LENGTH, AND ISOTOPIC VALUES 

*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Elops saurus Ladyfish 8/24/2015 2551 UGB 29.70762 -95.02324 260.0 277.0 -22.72 19.20 

Ariopsis felis 
Hardhead 

Catfish 
8/8/2016 1390 LGB 29.34684 -94.76831 252.5 248.0 -20.90 17.88 

Ariopsis felis 
Hardhead 

Catfish 
8/8/2016 1390 LGB 29.34684 -94.76831 273.2 243.0 -20.59 17.61 

Ariopsis felis 
Hardhead 

Catfish 
8/8/2016 1390 LGB 29.34684 -94.76831 127.7 202.0 -21.22 18.03 

Ariopsis felis 
Hardhead 

Catfish 
8/9/2016 2555 UGB 29.54232 -94.97413 107.5 186.0 -27.80 16.18 

Ariopsis felis 
Hardhead 

Catfish 
8/9/2016 2555 UGB 29.54232 -94.97413 57.0 151.0 -25.08 17.89 

Bagre marinus 
Gafftopsail 

Catfish 
8/24/2015 2551 UGB 29.70762 -95.02324 740.0 330.0 -23.04 18.73 

Bagre marinus 
Gafftopsail 

Catfish 
8/24/2015 1394 UGB 29.74709 -94.72837 - 415.0 -21.54 20.88 

Bagre marinus 
Gafftopsail 

Catfish 
8/8/2016 1391 LGB 29.52712 -94.80524 16.3 103.0 -22.80 17.46 

Bagre marinus 
Gafftopsail 

Catfish 
8/8/2016 1391 LGB 29.52712 -94.80524 11.3 89.0 -22.38 20.67 

Bagre marinus 
Gafftopsail 

Catfish 
8/8/2016 1391 LGB 29.52712 -94.80524 11.2 88.0 -21.05 20.33 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 19.1 104.0 -21.95 18.47 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 14.9 95.0 -21.86 17.86 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 13.9 94.0 -26.62 17.78 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 1393 UGB 29.66258 -94.86980 12.3 92.0 -18.94 16.66 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 1393 UGB 29.66258 -94.86980 11.3 89.0 -20.05 16.68 

Bagre marinus 
Gafftopsail 

Catfish 
8/9/2016 1393 UGB 29.66258 -94.86980 8.0 80.0 -21.77 16.52 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 2552 LGB 29.48447 -94.82158 12.8 94.0 -23.24 19.39 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 2552 LGB 29.48447 -94.82158 20.0 94.0 -18.88 15.20 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 2552 LGB 29.48447 -94.82158 30.0 105.0 -25.44 17.37 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 1391 LGB 29.52712 -94.80524 40.0 116.0* -24.22 18.75 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 1391 LGB 29.52712 -94.80524 30.0 137.0* -24.11 19.01 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/23/2015 1391 LGB 29.52712 -94.80524 50.0 152.0* -24.37 18.75 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 2555 UGB 29.54232 -94.97413 30.0 117.0 -27.34 17.56 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 2555 UGB 29.54232 -94.97413 40.0 124.0 -23.86 19.66 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 2555 UGB 29.54232 -94.97413 40.0 132.0 -24.05 19.17 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 1392 UGB 29.58397 -94.98043 150.0 202.0 -23.84 19.61 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 1392 UGB 29.58397 -94.98043 90.0 184.0 -26.00 17.30 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Cynoscion 

arenarius 

Sand 

Seatrout 
6/24/2015 1392 UGB 29.58397 -94.98043 100.0 189.0 -23.88 19.30 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/24/2015 1393 UGB 29.66258 -94.86980 138.0 36.7 -22.54 18.97 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/24/2015 1393 UGB 29.66258 -94.86980 143.0 41.5 -18.82 17.56 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/24/2015 1393 UGB 29.66258 -94.86980 185.0 100.5 -21.00 18.83 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 71.2 170.0 -18.07 14.43 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 53.3 153.0 -19.33 16.08 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 26.9 116.0 -18.96 14.77 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 2553 LGB 29.47280 -94.73910 51.0 137.0 -24.85 18.54 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 2553 LGB 29.47280 -94.73910 46.4 140.0 -25.15 18.32 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 2553 LGB 29.47280 -94.73910 19.4 101.0 -22.95 18.38 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 1391 LGB 29.52712 -94.80524 20.1 106.0 -23.69 21.91 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 1391 LGB 29.52712 -94.80524 12.0 85.0 -25.95 18.58 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/8/2016 1391 LGB 29.52712 -94.80524 15.5 94.0 -25.23 22.88 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2555 UGB 29.54232 -94.97413 82.7 172.0 -21.02 16.85 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2555 UGB 29.54232 -94.97413 133.2 193.0 -25.13 18.00 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2555 UGB 29.54232 -94.97413 66.1 156.0 -23.80 15.93 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 73.1 160.0 -26.46 17.82 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 81.7 166.0 -25.53 17.46 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 65.5 153.0 -24.90 17.72 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 1393 UGB 29.66258 -94.86980 24.6 115.0 -24.02 17.19 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 1393 UGB 29.66258 -94.86980 18.2 107.0 -23.80 16.99 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 1393 UGB 29.66258 -94.86980 19.9 110.0 -23.95 17.08 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2551 UGB 29.70762 -95.02324 16.3 102.0 -21.02 16.70 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2551 UGB 29.70762 -95.02324 6.7 75.0 -20.13 15.86 

Cynoscion 

arenarius 

Sand 

Seatrout 
8/9/2016 2551 UGB 29.70762 -95.02324 4.5 64.0 -22.07 16.04 

Leiostomus 

xanthurus 
Spot 6/3/2015 2554 LGB 29.30845 -94.94170 90.0 139.0 -20.53 18.54 

Leiostomus 

xanthurus 
Spot 6/3/2015 2554 LGB 29.30845 -94.94170 120.0 164.0 -21.29 15.80 

Leiostomus 

xanthurus 
Spot 6/22/2015 1390 LGB 29.34684 -94.76831 14.0 88.0 -21.88 19.35 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Leiostomus 

xanthurus 
Spot 6/22/2015 1390 LGB 29.34684 -94.76831 16.8 88.0 -20.69 18.68 

Leiostomus 

xanthurus 
Spot 6/22/2015 1390 LGB 29.34684 -94.76831 14.5 90.0 -19.43 17.54 

Leiostomus 

xanthurus 
Spot 6/23/2015 2552 LGB 29.48447 -94.82158 6.6 68.0 -22.98 19.56 

Leiostomus 

xanthurus 
Spot 6/24/2015 2555 UGB 29.54232 -94.97413 80.0 140.0 -24.02 18.10 

Leiostomus 

xanthurus 
Spot 6/24/2015 2555 UGB 29.54232 -94.97413 50.0 125.0 -22.13 19.28 

Leiostomus 

xanthurus 
Spot 6/24/2015 2555 UGB 29.54232 -94.97413 90.0 135.0 -21.91 18.97 

Leiostomus 

xanthurus 
Spot 6/24/2015 1392 UGB 29.58397 -94.98043 90.0 149.0 -23.27 19.21 

Leiostomus 

xanthurus 
Spot 8/24/2015 2551 UGB 29.70762 -95.02324 19.2 95.0 -22.43 18.97 

Leiostomus 

xanthurus 
Spot 8/24/2015 2551 UGB 29.70762 -95.02324 17.4 90.0 -21.48 21.76 

Leiostomus 

xanthurus 
Spot 8/24/2015 2551 UGB 29.70762 -95.02324 23.4 101.0 -23.42 19.80 

Leiostomus 

xanthurus 
Spot 8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 29.0 98.0 -20.95 20.16 

Leiostomus 

xanthurus 
Spot 8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 17.5 88.0 -18.89 17.84 

Leiostomus 

xanthurus 
Spot 8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 18.1 91.0 -20.56 20.09 

Leiostomus 

xanthurus 
Spot 8/8/2016 2553 LGB 29.47280 -94.73910 26.0 95.0 -25.78 22.20 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Leiostomus 

xanthurus 
Spot 8/8/2016 2553 LGB 29.47280 -94.73910 26.0 94.0 -22.20 19.50 

Leiostomus 

xanthurus 
Spot 8/8/2016 2553 LGB 29.47280 -94.73910 21.6 91.0 -22.75 17.53 

Leiostomus 

xanthurus 
Spot 8/9/2016 2551 UGB 29.70762 -95.02324 85.5 155.0 -18.23 17.49 

Leiostomus 

xanthurus 
Spot 8/9/2016 2551 UGB 29.70762 -95.02324 19.0 96.0 -20.67 20.36 

Leiostomus 

xanthurus 
Spot 8/9/2016 2551 UGB 29.70762 -95.02324 26.1 101.0 -18.56 17.03 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/22/2015 1390 LGB 29.34684 -94.76831 15.8 98.0 -26.79 19.62 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/22/2015 1390 LGB 29.34684 -94.76831 15.9 96.0 -20.29 19.25 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/22/2015 1390 LGB 29.34684 -94.76831 15.2 95.0 -23.49 19.15 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 2552 LGB 29.48447 -94.82158 7.9 78.0 -21.80 19.42 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 2552 LGB 29.48447 -94.82158 6.3 72.0 -25.68 17.57 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 2552 LGB 29.48447 -94.82158 20.0 88.0 -26.19 17.53 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 1391 LGB 29.52712 -94.80524 60.0 164.0* -20.03 18.09 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 1391 LGB 29.52712 -94.80524 60.0 158.0* -24.61 17.82 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/23/2015 1391 LGB 29.52712 -94.80524 17.7 102.0 -23.06 18.68 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 2555 UGB 29.54232 -94.97413 40.0 120.0 -23.89 17.74 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 2555 UGB 29.54232 -94.97413 50.0 135.0 -23.64 18.13 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 2555 UGB 29.54232 -94.97413 40.0 113.0 -23.94 17.17 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 1392 UGB 29.58397 -94.98043 80.0 158.0 -21.83 18.87 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 1392 UGB 29.58397 -94.98043 90.0 160.0 -23.99 20.30 

Micropogonias 

undulatus 

Atlantic 

Croaker 
6/24/2015 1392 UGB 29.58397 -94.98043 60.0 142.0 -24.11 20.60 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 1393 UGB 29.66258 -94.86980 6.5 71.0 -22.46 9.94 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 1393 UGB 29.66258 -94.86980 5.4 68.0 -22.54 15.70 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 1393 UGB 29.66258 -94.86980 4.9 67.0 -28.39 18.34 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 2551 UGB 29.70762 -95.02324 23.9 110.0 -23.10 19.29 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 2551 UGB 29.70762 -95.02324 17.9 99.0 -23.41 19.75 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/24/2015 2551 UGB 29.70762 -95.02324 46.6 137.0 -22.40 18.54 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 50.5 140.0 -22.60 17.60 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 53.0 138.0 -20.80 14.79 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 

Back 

Bay 
LGB 29.33837 -94.88008 11.4 84.0 -23.27 17.57 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1390 LGB 29.34684 -94.76831 23.6 105.0 -21.33 18.42 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1390 LGB 29.34684 -94.76831 16.5 99.0 -20.35 17.69 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1390 LGB 29.34684 -94.76831 8.3 78.0 -21.32 17.23 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 2553 LGB 29.47280 -94.73910 7.2 71.0 -27.90 17.71 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 2553 LGB 29.47280 -94.73910 8.3 74.0 -26.63 18.88 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 2553 LGB 29.47280 -94.73910 6.7 72.0 -25.81 19.02 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1391 LGB 29.52712 -94.80524 44.4 132.0 -25.21 17.82 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1391 LGB 29.52712 -94.80524 51.7 138.0 -24.75 21.72 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/8/2016 1391 LGB 29.52712 -94.80524 8.8 76.0 -24.66 22.03 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2555 UGB 29.54232 -94.97413 44.0 124.0 -24.30 16.41 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2555 UGB 29.54232 -94.97413 54.8 136.0 -24.34 16.91 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2555 UGB 29.54232 -94.97413 45.9 125.0 -22.97 16.24 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 55.6 142.0 -24.23 19.78 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 7.2 72.0 -22.73 18.78 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 6.5 67.0 -23.41 11.33 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 1393 UGB 29.66258 -94.86980 43.6 135.0 -23.71 17.30 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 1393 UGB 29.66258 -94.86980 39.7 130.0 -19.15 15.53 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 1393 UGB 29.66258 -94.86980 7.1 74.0 -22.84 17.83 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2551 UGB 29.70762 -95.02324 48.2 145.0 -23.57 17.44 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2551 UGB 29.70762 -95.02324 11.5 83.0 -18.36 15.92 

Micropogonias 

undulatus 

Atlantic 

Croaker 
8/9/2016 2551 UGB 29.70762 -95.02324 8.0 75.0 -19.34 16.98 

Pogonias cromis 
Black 

Drum 
8/24/2015 2551 UGB 29.70762 -95.02324 1750.0 423.0 -22.94 18.05 

Trichiurus 

lepturus 

Atlantic 

Cutlassfish 
8/8/2016 1391 LGB 29.52712 -94.80524 12.8 200.0 -20.38 17.17 

Trichiurus 

lepturus 

Atlantic 

Cutlassfish 
8/8/2016 1391 LGB 29.52712 -94.80524 5.2 139.0 -22.84 18.68 

Trichiurus 

lepturus 

Atlantic 

Cutlassfish 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 8.5 181.0 -26.37 17.69 

Trichiurus 

lepturus 

Atlantic 

Cutlassfish 
8/9/2016 

Sylvan 

Bay 
UGB 29.63340 -94.98370 11.4 124.0 -23.24 16.48 

Chloroscombrus 

chrysurus 

Atlantic 

Bumper 
8/8/2016 1390 LGB 29.34684 -94.76831 48.2 139.0 -21.25 17.81 
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*Total Length (mm) 

Scientific name 
Common 

name 
Date Site Location Latitude Longitude 

Weight 

(g) 

Standard 

Length 

(mm) 

δ13C δ15N 

Chloroscombrus 

chrysurus 

Atlantic 

Bumper 
8/8/2016 1390 LGB 29.34684 -94.76831 6.2 75.0 -20.54 18.36 

Chloroscombrus 

chrysurus 

Atlantic 

Bumper 
8/8/2016 1390 LGB 29.34684 -94.76831 5.8 68.0 -20.59 17.86 

 

 

 

 

 

 

 

 

 

 


